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Abstract 
Polysaccharides from plant cell walls are the most abundant biomass on Earth and 
are an important resource for biofuel production. The main components of plant cell walls 
are cellulose, hemicellulose and lignin. Hemicellulose is the second most abundant 
component of renewable biomass and as arabinoxylan, is mainly composed of xylose 
and arabinose. In this project, we investigated the biochemical characteristics of two 
endoxylanases in two model filamentous fungi, Neurospora crassa and Aspergillus 
nidulans. Putative endoxylanase genes from N. crassa (ncu05924) and A. nidulans 
(an1818) were expressed homologously and heterologously in both filamentous fungi. All 
4 endoxylanases had similar optimal pH (~5.8) and temperature (50 to ~55°C), similar 
secondary structures, and comparable glycosylation patterns. High performance liquid 
chromatography (HPLC) was used to identify the end products released by each enzyme 
from xylan substrates. The specific activity of AN1818 was ~50% higher than NCU05924 
on different model xylans. 
Many human diets contain arabinoxylan, and the ease of genome sequencing 
coupled with reduced cost have led to unraveling the arsenal of genes utilized by the 
colonic Bacteroidetes to depolymerize this polysaccharide. In this study, we analyzed the 
hydrolytic activities of members of a xylan degradation cluster encoded on the genome 
of Bacteroides intestinalis DSM 17393. Here, it is demonstrated that a cocktail of the 
xylanolytic enzymes completely hydrolyze arabinoxylans found in human diets. 
Fascinatingly, this bacterium and other relatives have evolved and secrete a unique 
bifunctional endoxylanase/arabinofuranosidase in the same polypeptide. The bifunctional 
enzyme and other secreted enzymes attack the polysaccharides extracellularly to remove 
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the side-chains, exposing the xylan backbone for cleavage to xylo-oligosaccharides and 
xylose. These end products are transported into the cell where a β-xylosidase cleaves 
the oligosaccharides to fermentable sugars. While our experiments focused on B. 
intestinalis, it is likely that the extracellular enzymes also release nutrients to members of 
the colonic microbial community that practice cross-feeding. The conservation of the 
genes characterized in this study in other colonic Bacteroidetes alludes to a conserved 
strategy for energy acquisition from xylans, a component of human diets. 
 
 
  
iv 
 
 
ACKNOWLEDGEMENTS 
I would like to thank all my family, friends, colleagues and mentors, without whom, this 
thesis would not have been possible. First, I would like to thank Professor Isaac Cann, 
for an extremely valuable contribution to my growth as a scientist. Moreover, the 
mentorship and access to an incredible facility, which made all the work presented in this 
study possible. I would also like to thank Professor Roderick Mackie for his wide 
knowledge, kindness, and exceptional insights for my research. Additionally, I would like 
to extend my appreciation to Professor Jason Ridlon for his time to form my master’s 
thesis committee. I thank all the supporting team from Animal Sciences and the Carl R. 
Woese Institute for Genomic Biology, including Carolyn, Myra, Debbie, Kate and Susan, 
who made my life incredibly easier. I would also like to thank all the members of the Cann 
and Mackie labs, Carla, Celia, Hans, Inhyuk, Jan, Jia, Kui, Mike, Nick, Renae, Ricardo, 
Saravanan, and Yuka, for their guidance, friendship and support. I also want to include 
the support of my friends in Brazil, which was essential for my development and maturity 
and allowed me to get here. I would like to thank CAPES for my fellowship. 
I would especially like to thank my mom, Najla, to whose perseverance, honesty, 
kindness, morals, and love I owe a lot of what I have become. Lastly, I would like to thank 
my beautiful wife, Barbara, for all the patience, comprehension, friendship, belief, and 
love that she carries in all aspects of her life. None of this would have been possible 
without her loving support.    
v 
 
TABLE OF CONTENTS 
LIST OF FIGURES ......................................................................................................... vii 
LIST OF TABLES ............................................................................................................ix 
CHAPTER 1. LITERATURE REVIEW ............................................................................. 1 
Plant cell wall structure ............................................................................................. 1 
Enzymes of plant cell wall hydrolysis ........................................................................ 4 
Filamentous fungi ..................................................................................................... 9 
Human lower gastrointestinal tract .......................................................................... 19 
CHAPTER 2. BIOCHEMICAL CHARACTERIZATION OF TWO RECOMBINANT GH10 
FAMILY GLYCOSYL HYDROLASES AND DIFFERENTIAL EXPRESSION IN TWO 
MODEL FILAMENTOUS FUNGI. .................................................................................. 26 
Abstract ................................................................................................................... 26 
Introduction ............................................................................................................. 27 
Results .................................................................................................................... 29 
Discussion .............................................................................................................. 43 
Materials and Methods............................................................................................ 50 
CHAPTER 3. XYLAN DEGRADING ENZYMES FROM HUMAN COLONIC 
BACTEROIDES INTESTINALIS1 .................................................................................. 64 
Abstract ................................................................................................................... 64 
Introduction ............................................................................................................. 65 
vi 
 
Results .................................................................................................................... 67 
Discussion .............................................................................................................. 84 
Materials and Methods............................................................................................ 89 
References .................................................................................................................... 97 
Appendix A: Media and solutions used in these studies. ............................................. 118 
 
vii 
 
LIST OF FIGURES 
Fig 1.1. Schematic representation of the xylan structure ................................................. 5 
Fig. 2.1. Gene and protein architecture of an1818 and ncu05924 ................................ 30 
Fig. 2.2. Purification and post-translational modification of the recombinant homologous 
and heterologous endoxylanases .................................................................................. 33 
Fig. 2.3. Biochemical characterization of four recombinant endoxylanases .................. 35 
Fig. 2.4. Melting temperature and secondary structure of the four recombinant 
endoxylanases .............................................................................................................. 36 
Fig. 2.5. Hydrolysis (14 hours) of xylan substrates by the four recombinant endoxylanases
 ...................................................................................................................................... 39 
Fig. 2.6. HPLC end product analysis of 14 hours hydrolysis of xylan substrates by the four 
recombinant endoxylanases .......................................................................................... 41 
Fig. 2.7. Specific activities of the four recombinant endoxylanases towards xylan ........ 42 
Fig. 2.8. Superimposition of the two endoxylanases AN1818 and NCU05924 .............. 44 
Fig. 2.9. Interaction surface of AN1818 ......................................................................... 45 
Fig. 2.10. Interaction surface of NCU05924 .................................................................. 46 
Fig. 3.1. Five endoxylanases, a β-xylosidase and an α-glucuronidase encoding genes in 
B. intestinalis DSM 17393 ............................................................................................. 68 
Fig. 3.2. Xylanolytic enzymes of B. intestinalis DSM 17393 .......................................... 70 
Fig. 3.3. Biochemical characterization of xylan utilization loci in B. intestinalis DSM 17393
 ...................................................................................................................................... 72 
Fig. 3.4. Overnight hydrolysis (14 hours) of xylan substrates (WAX, RAX and OSX) with 
the five putative endoxylanases .................................................................................... 76 
viii 
 
Fig. 3.5. Functional analyses of B. intestinalis β-xylosidase BiXyl43A and α-glucuronidase 
BiAgu67A ...................................................................................................................... 78 
Fig. 3.6. Overnight synergistic hydrolysis (14 hours) of xylan substrates by multiple 
endoxylanases with BiXyl43A and BiAgu67A towards WAX, RAX and OSX ................ 80 
Fig. 3.7. Single endoxylanases (30-min) hydrolysis of xylan substrates........................ 81 
Fig. 3.8. Synergistic hydrolysis (30-min) of xylan substrates by multiple endoxylanases 
with BiXyl43A and BiAgu67A towards WAX, RAX and OSX ......................................... 82 
 
 
  
ix 
 
LIST OF TABLES 
Table 2.1 Differential expression of recombinant homologous and heterologous protein in 
the two model filamentous fungi .................................................................................... 32 
Table 2.2 Secondary structures calculated by Dichroweb for the four recombinant 
endoxylanases .............................................................................................................. 38 
Table 2.3 Primers used in this study ............................................................................. 56 
Table 3.1 pH and temperature optima of xylanolytic enzymes in xylan utilization loci ... 73 
Table 3.2 Specific activities of the five B. intestinalis DSM 17393 endoxylanases with 
WAX, RAX, and OSX as substrates .............................................................................. 75 
Table 3.3 Primer sequences used in this study ............................................................. 91 
1 
 
CHAPTER 1. LITERATURE REVIEW 
Plant cell wall structure 
Polysaccharides from plant cell walls are the most abundant biomass on earth and 
are an important renewable resource for biofuel production [1, 2]. The main components 
of the plant cell wall are: cellulose (40.6% to 51.2%), hemicellulose (28.5% to 37.2%) and 
lignin (13.6% to 28.1%) [1]. Previous research on the leaves of perennial grasses and 
ryegrass shed light onto the composition of the plant cell wall. The primary structural 
polysaccharides are, in decreasing concentration, cellulose, glucurono-arabinoxylan, 
xyloglucan, rhamnogalacturonan, two mixed linkages glucans (1-3 and 1-4), and 
galactans. The proportion of individual polysaccharides varies based on cell types [2]. 
Cellulose 
The main structural component of plant cell wall is cellulose, which is composed 
of glucose monomers, and it is one of the largest storages of glucose in the biosphere. 
Due to its high degree of crystallinity, the cellulose is recalcitrant to enzymatic 
degradation. This nature is also due to the stability of β-1,4 glycosidic linkage. The β-1,4 
linkage between the glucose monomers within the cellobiose repeats has been reported 
to have a half-life of approximately 22 million years. Moreover, the β-1,4 glycosidic linkage 
allows an extensive hydrogen bonding network in cellulose [3]. In amorphous or partially 
soluble cellulose, the hydrogen-bonding network appears to be disrupted during cellulose 
synthesis. The amorphous cellulose is, thus, more susceptible to enzymatic attack, due 
to diminishing stacking of the polymers [4]. Cellulose contains other cross-linked 
polysaccharides, such as β-glucans and xyloglucans, holding multiple cellulose 
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microfibrils [5]. Crystalline cellulose requires several different enzymes to be completely 
hydrolyzed into fermentable sugars. A large number of filamentous fungi and bacteria 
produce cellulases. Although most bacteria cannot utilize crystalline cellulose, some 
filamentous fungi are able to degrade crystalline cellulose [6, 7].    
Hemicellulose   
Hemicellulose, a complex heterogeneous polysaccharide, is the second most 
abundant component of renewable biomass, such as sugarcane bagasse and wheat 
straw. It is mainly composed of xylose and arabinose [8]. Hemicellulose is mainly 
composed of xylan and can be loosely categorized into homoxylans, glucuronoxylans, 
arabinoxylans and arabinoglucuronoxylans. Homoxylans are significant structural 
components in red seaweed cell walls and  are composed of β-1,4- and β-1,3-linked 
xylose units [9]. The xylans found in higher plants primarily consist of a β-1,4-linked xylose 
backbone. Glucuronoxylans consist of a xylose backbone decorated with 4-O-methyl-α-
D-glucuronic acid residues and are mainly found in hardwoods [10]. Arabinoxylans, 
composed of a xylose backbone linked with arabinose residues, is the main component 
of plant cell wall hemicellulose, especially in cereal grains such as wheat and rye. 
Arabinoglucuronoxylans are mainly found in the lignocellulose isolated from grasses, 
consisting of a xylose backbone decorated with 4-O-methyl-glucuronic acid (MeGA), 
arabinofuranosyl and acetyl side chains. This intrinsic diversity of the xylan structure 
requires an equally elaborate enzymatic complex to fully degrade this polysaccharide into 
fermentable sugars. Therefore, microorganisms such as filamentous fungi and bacteria 
have evolved complex enzymatic machineries to completely hydrolyze xylans. 
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Xylan is present in woods as well as other plants such as grasses, cereals, and 
herbs [9, 10].The backbone can be substituted with several sugar side chains including 
arabinose, glucoronic acid, acetate, and ferulic acid as described in the previous page 
(Fig. 1.1) [11]. Xylan is depolymerized into xylose and subsequently used as substrate 
for microbial fermentation products, such as acetate and ethanol. This process is 
essential for the efficient conversion of plant biomass into biofuel production [11, 12]. For 
the complete deconstruction of the xylan polysaccharide into monomers, a mixture of 
different enzymatic activities are required: endo-1,4-β-xylanases (EC 3.2.1.8), β-D-
xylosidases (EC 3.2.1.37), α-L-arabinofuranosidases (AFs) (EC 3.2.1.55), α-
glucuronidases (EC 3.2.1.139), acetyl xylan esterases (EC 3.1.1.72), and 
ferulic/coumaric acid esterases (EC 3.1.1.73) [11]. Thus, understanding xylan 
degradation requires a deep analysis of the enzymes needed for its hydrolysis, ultimately 
providing a deep understanding of its role in second generation biofuels and human 
gastrointestinal health. 
Lignin 
Lignin is a major structural non-polysaccharide polymer composed of phenolic 
compounds. Its complex phenolic polymer structure confers rigidity and hydrophobicity to 
plant cell walls. Found in all vascular plants, lignin is deposited in differentiated cells that 
function as support for tissues responsible for the conduction of water. The three most 
abundant monomers that compose lignin are phenolic coumaric acid derivatives: p-
coumaryl alcohol, coniferyl alcohol and sinapyl alcohol, in which the random 
polymerization of these monomers generates a recalcitrant structure [13]. This complex 
structure protects the cell wall polysaccharides, inhibiting enzymatic access to cellulose 
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and hemicellulose. This characteristic of lignin is one of the most limiting factors to 
conversion of biomass for biofuels [14]. 
 
Enzymes of plant cell wall hydrolysis  
Plant cell walls possess vast structural diversity, which requires an equal diversity 
of enzymes for the deconstruction of these polysaccharides. Glycosyl hydrolases 
hydrolyze glycosidic linkages found in the polysaccharides structures. Much is known 
about the enzymatic functionalities required to degrade polysaccharides. Numerous  
enzymes have been identified, from a variety of microbial sources [15].   
The endoxylanases 
One of the most important enzymatic activities towards deconstruction of the xylan 
backbone is the endo-1,4-β-xylanase activity. Enzymes with this activity are responsible 
for cleaving the β-1,4 glycosidic linkage between xylose residues, the main component of 
the xylan backbone. The xylanases have been classified into glycoside hydrolase (GH) 
families 5, 7, 8, 10, 11, and 43, based on the amino acid sequence, structural fold and 
catalytic mechanism [15]. Xylanases possess binding sites for xylose residues termed 
subsites with bond cleavage occurring between sugar residues at the -1 subsite and the 
+1 subsite, nonreducing end and reducing end, respectively, of the polysaccharide 
substrate [16]. Although both GH10 and GH11 endoxylanases are able to bind to ramified 
xylo-oligosaccharides [17-20], GH10 enzymes can accommodate +1 subsite 
modifications on the xylose [21, 22], while GH11 enzymes can accommodate linkages on 
xylose at the +2 subsite [19]. 
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Fig 1.1. Schematic representation of the xylan structure. General structure of xylan, 
containing decorated side chain components, such as ferulic acid, acetate, arabinose, 
and glucuronic acid. The potential enzymes required for depolymerizing xylan into its 
monosaccharides are also indicated.   
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The α-L-arabinofuranosidases 
Members of the GH 43, 51, 54, and 62 families [23], the α-L-arabinofuranosidases 
(AFs) have the function of cleaving arabinose side chains of the xylose backbone in 
arabinoxylans. These ubiquitous enzymes have been detected across kingdoms, 
including members of the filamentous fungi such as Aspergillus nidulans [24], and 
bacteria, such as Bacteroides ovatus and Bacteroides intestinalis [25, 26].  With an 
increase in the number of structural studies for members of the GH43 family, these 
enzymes have been subgrouped into three main categories: first, type A enzymes, which 
are only active on short arabino-oligosaccharides; second, type B enzymes, which are 
active on a wider range of substrates such as arabinoxylan, arabinan, and arabino-
oligosaccharides; and third, arabinofuranohydrolases, which are mainly active on 
arabinoxylan substrates. It is hypothesized that AFs represent the rate limiting step in 
arabinoxylan degradation, especially in corn fiber, stover, and rice straw from agricultural 
wastes [27]. Therefore, a deeper understanding of their activities will provide useful 
insights into its biofuel and dietary applications.  
β-xylosidases 
The xylan 1,4-β-D-xylosidases, according to the CAZy database [15], are grouped 
into 11 different glycoside hydrolases families (GH1, GH3, GH30, GH31, GH39, GH43, 
GH51, GH52, GH54, GH116, and GH120), these enzymes catalyze the hydrolysis of 
xylose residues from the non-reducing end of xylooligosaccharides. These enzymes are 
largely used in industrial processes such as increasing nutritional quality and improving 
bread dough baking [28], and production of D-xylose for xylitol manufacturing [29].  
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The enzymatic mechanism employed by 1,4-β-D-xylosidases, and most 
glycosidases, is attributed to two accepted reaction mechanisms, the inversion and 
retaining mechanisms [30]. Through the inversion mechanism, the β-anomeric 
configuration of the substrate’s non-reducing end is released as an α-xylose. In the 
retaining mechanism, the reaction occurs in two transition states. The first transition state, 
an ester is formed between the enzyme nucleophile (asparagine or glutamic acid) and 
the C1 of the targeted xylose. The second transition state is a dexylosylation, in which the 
ester bond is hydrolyzed, releasing a β-xylose [31].  
These enzymes are essential for industrial processes, especially second 
generation biofuels from hemicellulose substrates, and get in synergy with endoxylanases 
[25], hydrolyzing xylan into fermentable sugars.  
The α-glucuronidase 
As previously mentioned, xylan has a wide array of decorated side chains on its 
main xylose backbone [11].  One of the substituents in xylan is a very stable α-1,2 
glycosidic bond of 4-O-methyl-glucuronic acid (MeGA). Additionally, MeGA residues 
possess a stabilizing effect on the surrounding xylosidic bonds in the xylose backbone of 
xylans [32]. The enzyme α-glucuronidase is able to cleave the MeGA side chain from 
natural xylan substrates. For example, the α-glucuronidase from A. niger had no activity 
on synthetic substrates such as p-nitrophenol α-D-glucuronoside, and this substrate 
worked as a competitive inhibitor for the enzymatic activity. Thus, suggesting that the α-
glucuronidase has a strict substrate specificity. Xylanases do not cleave this 4-O-methyl-
glucoronic acid, and thus require the activity of an α-glucuronidase to efficiently hydrolyze 
xylan. Therefore, to fully hydrolyze xylan substrates containing MeGA, a synergistic 
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reaction containing endo-1,4-β-xylanase, 1,4-β-D-xylosidases, and α-glucuronidase is 
required.  
Xylan esterases 
The xylan backbone chain is often acetylated at the O-2 and O-3 position of its 
xylose residues, and esterified with ferulic acid or coumaric acid groups in its 5’-OH 
arabinofuranosyl groups [33]. These groups interfere with the ability of the other xylan 
depolymerizing enzymes to act and hydrolyze this complex substrate into fermentable 
sugars [34]. Ferulic and coumaric acid may be covalently bonded to lignin, resulting in a 
decrease in the accessibility of the xylose backbone to enzymatic attack. Therefore, the 
enzymatic activities of acetylxylan esterases (EC 3.1.1.72) and ferulic/coumaric acid 
esterases (EC3.1.1.73) hydrolyzing these side chains, enable the xylanases to act 
efficiently breaking the complex substrate.  
Carbohydrate binding module (CBM) 
Carbohydrate binding modules (CBMs) are non-catalytic domains of glycoside 
hydrolases and function by recognizing polysaccharides. Currently, there are 74 CBM 
families according to CAZy enzyme database [15], with a wide range of specificity towards 
diverse polysaccharides. Through its carbohydrate-binding activity, these CBMs are able 
to maintain the proximity between the enzyme and the substrate, which increases the 
polysaccharide degradation rate. There are numerous studies demonstrating truncation 
or excision of the CBM leads to a decrease in rate of degradation, especially in the case 
of insoluble substrates [35, 36]. Recent studies show that insertion of a CBM domain 
within GH10 polypeptides is ubiquitous in the Bacteroidaceae family, enhancing its 
xylanase activity [25]. 
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Filamentous fungi 
The highly complex fungal kingdom, that may contain species in the order of 1.5 
million, has diverse morphologies, phenotypes, environmental niches, and reproductive 
strategies [37]. Although the fungal kingdom is a large clade, relatively few species are 
endowed with the properties for application and production of valuable products. 
Members of the Ascomycota phylum, has a wide array of genetic tools that allow 
application to industrial processes [38]. The Ascomycota phylum is divided into three 
subphyla, comprised of Pezizomycotina, the Saccharomycotina, and the 
Taphrinomycotina. Within the Saccharomycotina subphylum, the most prominent and 
intensely studied fungi are the ethanol-producing fermentative Saccharomyces 
cerevisiae, and the opportunistic pathogen Candida albicans. The Pezizomycotina 
subphylum, also commonly referred to as filamentous fungi, include important species 
that are industrially and genetically relevant. Trichoderma reesei, Aspergillus niger, and 
Neurospora crassa are widely used industrial species for producing products, such as 
extracellular enzymes and vaccine-related proteins. Additionally, the model filamentous 
fungi Neurospora crassa and Aspergillus nidulans, genetically tractable organisms, have 
been studied for over 70 years regarding their cell cycle, physiology, and genetic tools. 
Filamentous fungi have several advantages as hosts for heterologous protein 
expression for a number of reasons. They are eukaryotes and so they are equipped with 
a glycosylation machinery that is capable of important post-translational modifications. 
These modifications help maintain biochemical properties of proteins, especially 
glycosylating proteins derived from eukaryotes. Another relevant aspect of using 
filamentous fungi as a host for heterologous protein expression is the potential to produce 
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and secrete proteins in large quantities, and thus decreasing the time and cost related to 
cell-breaking processes. Despite several advantages of filamentous fungi as a host for 
heterologous protein expression, their heterologous protein yields are still 10- to 1000-
fold less than homologous recombinant protein expression [39]. Therefore, it is important 
to understand the underlying reasons related to poor heterologous protein expression.  
Microorganisms, in nature, especially filamentous fungi, use a range of enzymes 
that function synergistically to degrade plant cell wall [40]. Filamentous fungi are well 
known to secrete large amounts of a broad spectrum of  hydrolytic enzymes, that have 
significant impact on the fungal nutrition [41]. The ability of some filamentous fungi to 
produce large amounts of secreted protein, in the order of grams per liter, is key to the 
biofuel production industry. Trichoderma reesei is one of the most largely utilized 
filamentous fungi in the biofuel industry. Trichoderma reesei is a mesophilic filamentous 
fungus isolated from the Solomon Islands during the Second World War. Several 
filamentous fungi, including species of Trichoderma, Aspergillus and Neurospora, have 
been reported to secrete cellulases and hemicellulases [1, 42, 43]. 
Aspergillus nidulans 
Aspergillus is a genus of asexual fungi, classified among the Ascomycetes. The 
taxon was first described by Micheli in 1729 [44]. The conidiophore, characteristic of the 
genus, is formed by a long hyphal cell ending in a sphere-like structure that bears the 
spores. The aspergilli are one of the most widely distributed living organisms, and have 
several roles in the natural environment, as well as economic consequences for industrial 
processes. Aspergilli can act as major decomposers; and the enzymatic array used for 
decomposition of biomass can be harnessed in food fermentations and industrial 
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applications [45]. Another important characteristic of this genus is their potential 
pathogenicity towards humans. They cause several diseases such as mycoses and 
allergic reactions due to the production of mycotoxins. A. niger and A. oryzae are the 
most industrially relevant species. The first is widely utilized for production of citric acid 
and enzymatic cocktails for cellulose degradation, and the latter, for sake and soy 
fermentations. Clinically important species include A. flavus because it produces 
aflatoxin, and A. fumigatus, which is responsible for aspergillosis.     
The Aspergillus genus is large and diverse within the filamentous fungi, including 
several species well studied for diverse applications, food and feed industry, commercial 
value, and medical significance. In filamentous fungi, morphogenetic change creates 
different cell types. The filamentous Aspergillus nidulans has this trait and an immense 
effort and years of research generated a considerable background knowledge on 
genetics, molecular and biochemistry in the development of this model organism [46]. A. 
nidulans is a widely used filamentous fungi for basic genetic research [47]. Fifty years of 
research on A. nidulans has increased the understanding of cell cycle control, chromatin 
structure, DNA repair, pH control, metabolic regulation, mitochondrial DNA structure and 
even human genetic diseases [48]. Thus A. nidulans has a known sexual cycle, which 
makes it a genetically tractable organism. During its cycle, it produces both asexual 
(conidia) and sexual spores (ascospores).  Its ability to secrete large amounts of 
metabolites into the culture media [49] is of great interest to the biofuel industry. Recovery 
of the products secreted in the culture medium is simple due to the filamentous 
morphology that allows separation of cells through a simple filtration. 
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Neurospora crassa 
Neurospora crassa is a filamentous ascomycete fungus. N. crassa has been 
widely used as a model laboratory organism [40]. N. crassa is generally found growing 
on burnt grasses such as sugarcane and Miscanthus. Known since 1843, the first 
reported publication by Lévillé, Montagne and Decaisne described a material found in 
bakeries contaminants [50]. These contaminants displayed an orange pigment induced 
by light [51]. Neurospora, once known as Monilia sitophila, was an early colonizer of 
remains of burnt vegetation. The mycologists Cornelius L. Shear and Bernard O. Dodge 
used the sexual fruiting bodies to describe this fungus in a new genus: Neurospora. They 
pioneered the genetic and cytological studies of Neurospora crassa, starting the studies 
of the model organism [52, 53]. Several studies regarding the life cycle were essential to 
improve the utilization of Neurospora crassa as a model organism. Neurospora crassa 
presents two morphologies: the sexual and asexual [54]. The asexual cycle is 
characterized by haploid mycelia, with the tubular filaments called hyphae with multi 
nuclei that are not separated in cells [55]. There is formation of macroconidia that have 
one to several nuclei, two being the most common. Conidia is the germinative structure, 
with an initial tube extending to form a hypha, under suitable conditions for growth. The 
hypha continues to grow by tip extension and generates branches that form a typical 
mycelium [55].  The conidia surface is coated with an adhering protein coat, which 
maintains the conidia dryness and allow the conidia to be dispersed by light air 
movements. The sexual cycle of N. crassa, requires two different mating types, mat A 
and mat a. The female parent, a multicellular protoperithecium, can be fertilized by a 
conidium of the opposite mating type or a hyphae serving as the male element [55]. N. 
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crassa became widely used for the studies of cell division, segregation, and also the 
circadian clock [51, 56, 57].  
Many N. crassa isolates have been recovered from sugarcane, which is closely 
related to Miscanthus, an attractive crop for biofuel production [58, 59]. Although, several 
molecular and genetic tools are extensively available [51], not much has been reported 
regarding the plant biomass utilization by N. crassa [60]. Previous studies demonstrated 
that N. crassa is able to degrade cellulose [61].  Genome analysis shows that N. crassa 
is expected to have several cellulases, as well as hemicellulases and other required 
enzymes involved in plant cell wall degradation [8, 61].  N. crassa has 23 predicted 
cellulases and 19 predicted hemicellulases in its genome [62], and other annotated genes 
related to hemicellulose utilization [8].  When cultured on Miscanthus compared of 
sucrose, Neurospora crassa showed a significant increase in expression of 18 out of 23 
predicted cellulases, especially at the16h time point. Five genes were identified, that were 
expressed greater than 200-fold include cbh-1 (cellobiohydrolase 1), NCU07340; gh6-2 
(cellobiohydrolase 2), NCU09680; gh6–3 (cellobiohydrolase 3), NCU07190; and two AA9 
(formally known asGH61) genes (gh61-4; NCU01050 and NCU07898). Ten predicted 
transporter genes were also up-regulated when grown on Miscanthus (NCU00801, 
NCU00988, NCU01231, NCU04963, NCU05519, NCU05853, NCU05897, NCU06138, 
NCU08114, and NCU10021) [60]. Deletion of cbh-1, the most highly produced secreted 
protein, caused the most significant growth deficiencies when cultured in cellulosic 
substrates such as Avicel or Miscanthus. This result implies that cbh-1 exoglucanase 
activity is essential and that endoglucanases or other CBH do not compensate that 
deletion [60]. Deletion of the three most expressed endoglucanases did not affect the 
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growth, moreover, the overall endoglucanase activity and total protein secretion were not 
affected. The endoglucanases homologous to EG1, EG2 and EG6 were highly produced, 
encoded by NCU05057, NCU00762 and NCU07190, respectively. None of the 
endoglucanases were essential, reflecting redundancies in their functions [60]. Besides 
the expected predicted cellulases being up-regulated when grown on Avicel and 
Miscanthus, several other carbohydrate metabolism related proteins were up-regulated, 
such as hemicellulases, carbohydrate esterases, β- glucosidases, β-xylosidases and 
others, signifying that cellulose products are the primary inducers of genes related to plant 
cell wall depolymerization. Additionally, some hemicellulases and carbohydrate esterases 
were only up regulated when grown on Miscanthus [60].  
Transformation in Filamentous fungi 
The filamentous fungi are characterized by thick cell walls and, in most cases, lack 
the ability of maintaining a self-replicating plasmid, which hinders the development of 
efficient transformation techniques, especially when compared to common heterologous 
protein expressing species such as Escherichia coli and Saccharomyces cerevisiae [63]. 
Resulting from decades of research in the model filamentous fungi N. crassa and A. 
nidulans, several transformation techniques have been developed: electroporation [64]; 
PEG-mediated protoplast fusion [65]; Agrobacterium tumefaciens-mediated 
transformation (ATMT) [66]; and biolistic transformation [67].   
Electroporation 
The electroporation mediated transformation uses a short duration electric pulse 
to allow reversible permeabilization of the fungal membranes, enabling uptake of 
exogenous DNA uptake [64]. Enzymatic pretreatment of the conidia to generate 
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protoplasts, removing the cell wall, to facilitate foreign DNA uptake by electric pulse [68]. 
This method has been successful in transformation of several filamentous fungi, such as 
N. crassa [69], A. nidulans [68], and A. niger [70]. 
Polyethylene glycol (PEG)-mediated protoplast fusion  
Due to the thick cell walls, the PEG-mediated protoplast fusion requires 
preparation of protoplast that are competent to uptake exogenous DNA. To achieve 
uptake of DNA, several lytic enzymes can be used to remove the cell wall from 
filamentous fungi, and thus making the protoplasts [38]. Since most filamentous fungi 
have different cell wall compositions, it is necessary to test several enzymes to achieve 
better yields of transformants, such as snailase [71], Novozym234 [72], and lysing 
enzymes (Sigma) [73]. Additionally, stabilizers are clearly essential to provide osmotic 
support to the protoplasts, a high osmotic buffer containing salt, such as KCl [74] and 
MgSO4 [75], and sorbitol [76]. The exogenous DNA and protoplast are incubated to allow 
DNA uptake by the protoplasts and, finally, plated on appropriate agar plates for cell wall 
regeneration. 
Agrobacterium tumefaciens-mediated transformation (ATMT) 
Adapted from plant transformation, Agrobacterium tumefaciens-mediate 
transformation utilizes a gram-negative soil bacterium with a Ti plasmid. During infection, 
the bacterial cells are able to transfer part of its Ti plasmid to the host, causing a precise 
transfer of genes to the host [77, 78]. Since mechanism for gene transfer in filamentous 
fungi is similar to plants, Agrobacterium tumefaciens can be used to efficiently transfer 
genes to a few species of filamentous fungi such as Trichoderma reesei and 
Colletotrichum gloeosporioides [79]. As in the PEG-mediated protoplast fusion, different 
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filamentous fungi have different efficiencies to each transformation method, i.e. ATMT 
achieved approximately 100-fold higher transformation efficiency than PEG-mediated 
protoplast fusion in Aspergillus giganteus [66, 80]. 
Biolistic transformation 
Biolistic transformation, initially developed for plant transformation, takes 
advantage of micro-projectiles made of tungsten [81] or gold [82] coated with exogenous 
DNA and accelerated to high speeds. The micro-projectiles coated with DNA bombard 
fungal spores to insert the exogenous DNA into the cell, allowing genomic integration of 
the foreign DNA. This method was validated for several different filamentous fungi such 
as, A. nidulans [67], N. crassa [83], and T. reesei [84].   
Heterologous gene expression 
Protein production in a heterologous host has the objective of reaching high yields 
of secreted protein, preferably in a non-pathogenic strain, with a simple purification 
process to diminish production costs. Although many filamentous fungi display these 
characteristics, high yields of heterologous protein expression still poses a difficult 
challenge to overcome [85]. Several factors may contribute to poor yields of heterologous 
proteins expression and secretion: transcription; protein secretion; and host defenses 
[85]; 
Transcription in filamentous fungi 
Several studies have demonstrated that heterologous gene transcription in 
filamentous fungi can play an important role in limiting heterologous protein production 
[85]. The transcriptional levels and secreted heterologous proteins may have one to two 
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orders of magnitude lower when compared to homologous proteins. Previous studies 
demonstrated that the genomic locus where the heterologous gene is inserted affects its 
expression [86]. Therefore, comparable mRNA levels of heterologous genes to 
homologous genes do not lead to comparable secreted protein levels. Increasing the 
gene copy number can result in an increase in protein expression, although not 
proportionally [87].  
A vast majority of higher eukaryotes genes contain introns, in which the correct 
RNA splicing is necessary for a functional protein. Therefore, post-transcriptional splicing 
may be necessary in heterologous genes that contain introns in their sequence. Cryptic 
introns, where the native host do not recognize the introns but the heterologous host 
does, causes to generate aberrant proteins [88].  The presence of introns may be 
responsible for an extra step in protein expression regulation. Therefore, the presence of 
cryptic introns or complete absence of introns may affect heterologous protein expression 
[38]. 
Protein Secretion 
Post translation modifications are crucial for protein secretion, protein entry to the 
endoplasmic reticulum, proper folding, translocation through the secretion pathway, 
glycosylation, and protein modifications. This process can pose an important limitation for 
heterologous protein secretion, thus directly affecting the yields of recombinant proteins 
[89]. The correct translocation of heterologous proteins are highly dependent on signal 
peptides to drive the protein through the secretion pathway [90]. For the secretion of 
heterologous proteins in filamentous fungi, N-terminal signal peptides are largely used. 
Signal peptides, in general around 15-50 amino acids in length, are divided in three main 
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regions: n-, h-, and c-regions. N-region is generally composed of positively charged amino 
acids, followed by h-region with a hydrophobic core, and the c-region with polar residues 
[38].  Even though signal peptides can drive the translocation of heterologous proteins 
through the secretory pathway, different signal peptides have different efficiencies. The 
mature heterologous protein needs a “compatibility” with the signal peptide in order to 
optimize protein secretion [91]. Therefore, engineering signal peptides for each 
heterologous protein could have a great impact on its expression and secretion yields.  
Host defenses against exogenous DNA 
One of the main characteristics of filamentous fungi is the large array of host 
defenses against foreign DNA elements. This defense system is required to maintain 
genome stability and prevent propagation of viral and transposable DNA elements [92]. 
Therefore, the filamentous fungi defenses could prevent heterologous protein expression 
due to its exogenous origin [38]. The main defenses against exogenous DNA are RNA 
silencing [93] and repeat-induced point mutation (RIP) [94].  
RNA silencing 
RNA silencing or RNA interference (RNAi) is used in two different mechanisms of 
post-transcriptional gene silencing in filamentous fungi. These two mechanism are 
quelling [95] and meiotic silencing [96].  
Although the mechanisms for quelling and silencing are not fully understood, the 
current model for quelling is composed of 5 steps. Initially, the exogenous DNA is correctly 
transcribed, generating a correct mRNA. From the correct mRNA, the host synthesizes 
an aberrant RNA (aRNA) of the exogenous DNA. The aRNA is synthesized as a double 
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strand RNA (dsRNA) complementary to the target exogenous DNA. After, the host 
degrades the dsRNA into small fragments of small interfering RNAs (siRNAS), and the 
host degrades the correct mRNA from the exogenous DNA as a result of the interaction 
with the siRNAs [38, 95, 97]. 
During the normal cell cycle, each gene is present once during haplophase or twice 
during diplophase. Filamentous fungi have several mechanisms to detect inappropriate 
number of DNA segments, because an inappropriate number of copies could indicate the 
presence of a virus or transposon [98].  Meiotic silencing occurs after the fusion of two 
haploid cells, in which results suggest to be a posttranscriptional silencing, such as 
quelling. Meiotic silencing is effective when the genes are not in homologous position in 
the two parent cells, where this silencing mechanism would be important to prevent 
transposable elements that move along the DNA during meiosis. 
Human lower gastrointestinal tract 
The human lower gastrointestinal tract (GIT) possesses trillions of bacteria that 
coordinate a wide range of biological activities that are absent in the host [99-103]. The 
microbial catalogue of non-redundant genes contains more than 3.3 million microbial 
genes, reaching 150-fold more than in humans [102]. Despite a vast microbial gene 
catalogue, approximately 75% of the genes encoded by the microbial community in the 
GIT do not have attributed function or are poorly characterized [102]. Due to the 
recalcitrant nature of structural polysaccharides present in dietary fiber, humans are not 
able to metabolize them [104]. Within the microbes present in the human GIT, the 
fermentation of dietary fiber generates approximately 3-10% of the human energy 
balance [105], and has a large impact on the microbiota diversity in the GIT. Bacterial 
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fermentation of plant material such as cellulose, hemicellulose, and starch in the GIT 
produces a series of short chain fatty acids (SCFA) i.e., acetic, butyric, and propionic 
acids [105]. The SCFA produced by the gut microbes serve as nutrients for colonic 
epithelial cells [106]. Therefore, the ability to ferment plant cell wall materials has a large 
impact on the microbial diversity within the GIT. The microbes residing in the human GIT 
have a large impact over the development of key aspects of human immune system, 
physiology and metabolism [107]. The disruption of the normal GIT microbiota, termed 
dysbiosis, has been associated with several GIT chronic diseases, such as obesity and 
colorectal cancer, allergies, and diseases related to the central nervous system. This 
dysbiosis causes a dysfunction of the gut-brain axis, which provides a two-way 
homeostatic communication through immunological, hormonal and neuronal signals 
[108].   
Dietary fiber 
Dietary fiber is defined as “plant structural and exudative components not digested 
by human digestive enzymes” [109]. It was previously thought that any protective 
properties of dietary fiber was due to binding of toxin and carcinogens through its physical 
presence in the GIT [110]. Currently, an important biological function of the human lower 
GIT microbiota is fermentation of dietary fiber, because of their ability to degrade 
polysaccharides that are not available for humans [25]. This complex polysaccharides, 
such as xylan and arabinoxylan, and the end products of fermentation, short chain fatty 
acids, contribute to a normal colonic function and prevent pathologies [106]. Dietary fiber 
is classified into two major groups, depending on its solubility. Soluble components 
comprise pectins, gums, and β-glucans, while insoluble components include cellulose, 
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hemicellulose and lignin [111-113]. As previously mentioned, hemicellulose is mainly 
composed of xylan, and its vastly found in components of a human diet, especially in 
cereal grains such as oats, wheat and rye [114].  
Bacteroides 
The human colon harbors the largest and most diverse microbial community in 
the entire human body, comprising about 1011 organisms per gram of stool, and it is 
estimated that 25% belong to the Bacteroides genus [115]. Bacteroides are gram-
negative rods, anaerobic, bile acid-resistant and non-spore-forming bacteria [116]. This 
genus sustain a complex relationship with the host, when residing in the host GIT [117]. 
Advances in genome sequencing shed light on the uniquely adaptive strategies employed 
by Bacteroides species. A large number of species had their genome completely 
sequenced such as Bacteroides thetaiotaomicron [118], Bacteroides fragilis [119, 120], 
Bacteroides ovatus [121]. There is a draft genome sequence for Bacteroides intestinalis 
DSMZ 17393 (Draft genome sequence of Bacteroides intestinalis – accession number 
ABJL02000000).  These breakthroughs, coupled with proteomic analysis, vastly 
increased our knowledge of how these organisms thrive in the human GIT [116]. The 
Bacteroides genus encodes for a wide array of genes related to xylan depolymerization 
[122, 123]. Taking advantage of a large collection of polysaccharide utilization loci (PULs) 
structured with core genes encoding several proteins related to polysaccharide 
degradation. These PULs may contain gene encoding proteins such as carbohydrate 
binding proteins, extracellular polysaccharide degrading enzymes, membrane 
transporters, hybrid two component system (HTCS) that recognize oligosaccharides, and 
a variety of glycoside hydrolases within the periplasm that degrade oligosaccharides into 
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fermentable sugars [124, 125]. Thus, Bacteroides species have a large capability of 
utilizing nutrients in the large intestine depending on its availability [126].  
Bacteroides thetaiotaomicron 
Initially isolated from fecal samples of 20 healthy male Japanese-Hawaiian, 
Bacteroides thetaiotaomicron is a predominant commensal bacteria that resides in the 
human lower GIT [127]. This species is an obligatory saccharolytic bacterium and utilizes 
a wide range of monosaccharides and polysaccharides such as chondroitin sulfate, 
laminarin and starch [128]. This organism is also able to degrade a wide range of 
indigestible dietary fiber and several host-derived glycans [126]. Moreover, B. 
thetaiotaomicron possesses one of the largest representation of glycoside hydrolases 
from all sequenced bacteria, including amylases, β-glucosidases, α-mannosidases and 
20 other activities [118]. These glycoside hydrolases are encoded in large clusters, 
designated polysaccharide utilization loci (PULs), in which the core genes encode 
glycoside hydrolases, hybrid two-component systems (HTCS), carbohydrate-binding 
proteins and membrane transporters [118]. The starch utilization system (Sus), the first 
characterized PUL, is required for B. thetaiotaomicron to grow on amylose, amylopectin, 
pullulan and maltooligosaccharides [129]. The Sus system contains a transcriptional 
activator (SusR) [124], extracellular components that bind and degrade polysaccharides 
(SusDEFG) for transport in to the periplasm by a TonB-dependent β-barrel porin (SusC) 
[130-132], neopullulanase (SusA), α-glucosidase (SusB), and α-amylase activity (SusG) 
[132, 133]. B. thetaiotaomicron is able to fully degrade starch and other polysaccharides 
to fermentable sugars. Depending on the conditions encountered by this organism, it can 
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utilize one of its 101 potential PULs systems to adapt and stably colonize the human lower 
GIT [134].  
Bacteroides fragilis 
Despite only comprising 0.5% of the human GIT microbiota, Bacteroides fragilis is 
the most common isolate from clinical infections from Bacteroides, thus, being considered 
the most virulent Bacteroides species [116]. A comparative genome analysis between 
Bacteroides fragilis and B. thetaiotaomicron, demonstrated a large number of paralogous 
genes but propose different microenvironments based on their specific tailored genomes 
[116]. Bacteroides fragilis has the capability of altering the surface of the mucosal layer, 
utilizing low concentrations of O2, granting this organism a niche more related to the 
mucosal surface. This ability of using low concentrations of O2 may play a key role during 
infection, allowing Bacteroides fragilis to grow in oxygenated tissue before forming the 
abscess  [135]. Although, Bacteroides fragilis is an opportunistic pathogen, its intrinsic 
relationship with the mucosal layer, and production of polysaccharides capable of 
activating the T-cell-dependent immune system, plays a key aspect to the development 
of the host immune system [136].  
Bacteroides ovatus 
Bacteroides ovatus is one of the most versatile Bacteroides in the colonic 
environment [137]. Recently, the full genome sequence of the colonic Bacteroides ovatus, 
helped to unravel several aspects of its metabolic potential, specifically related to dietary 
fiber degradation [138]. Bacteroides ovatus, a common member of the human GIT, 
possesses a large array of PULs related to dietary fiber degradation such as 
arabinoxylan, xylan, arabinan, xyloglucan, and others. Compared to Bacteroides 
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thetaiotaomicron, this organism is more specialized to utilize more insoluble plant cell 
wall, such as hemicellulose and pectins [122], exhibiting a total of 63 genes up-regulated 
at least 5-fold when grown on wheat arabinoxylan as the sole carbon source as compared 
to growth on xylose, demonstrating a complex array of CAZy genes towards the 
degradation of arabinoxylan [25]. Moreover, Bacteroides ovatus harbors a PUL for the 
degradation of xyloglucans, a rare metabolism, employed by this organism to fill a niche 
within the human GIT. Due to a high presence of xyloglucans in the human diet, present 
in cereal grains such as quinoa and wheat, it may lead to understanding the importance 
of Bacteroides ovatus as a key member of the human gut [139]. 
Bacteroides intestinalis 
The fibrolytic bacterium, Bacteroides intestinalis DSMZ 17393, was isolated from 
a fecal samples of healthy Japanese subjects using a selective medium for polyamine-
producing bacteria [140]. Carrying a large array of carbohydrate-related enzymes among 
gut bacteria [25, 141], this organism evolved a large region of its genome (~60kb) directed 
to target xylan degradation. Transcriptional studies demonstrated that nearly 70 genes 
were up-regulated when this organism was grown on wheat arabinoxylan, as compared 
to xylose. This array of up-regulated genes is contained in two large distinct PULs within 
Bacteroides intestinalis genome [25]. This vast array of xylan degrading proteins in the 
colonic Bacteroides intestinalis presents an important niche inside the human GIT [25]. 
Together with other xylanolytic bacteria such as B. ovatus, B. eggerthii, B. celullositycus, 
this organism attacks and degrades dietary fibers, especially xylan, providing nutrients 
for the human host and other bacteria that take advantage of cross feeding. With the 
recent recognition of xylan degradation as a major process within the gut, B. intestinalis 
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may be a major player in degradation of recalcitrant polysaccharides and the colonic 
microbial community.  
Xylan is a complex and abundant polysaccharide, with large economic and medical 
value. The degradation of xylan is known to occur widely throughout fungi and human-
related bacteria. Therefore, understanding xylan degradation is key for production of 
second generation biofuels as well as elucidating the effects of primary degraders of 
dietary fiber within the human gut. Since a major bottleneck in producing second 
generation biofuels is enzyme production, this limitation underscores the need to improve 
knowledge of the mechanism of expression and secretion of hydrolytic enzymes by 
filamentous fungi. Additionally, the diverse structure of xylan demonstrates the wide 
enzymatic array employed by dietary fiber degraders within the gut. Moreover, 
endoxylanases are a diverse family of enzymes, which are, critical for xylan degradation. 
Thus, elucidating its activities, from different phylogenetic points of view, towards different 
xylan sources would allow for the improvement of current and potentially new 
applications. 
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CHAPTER 2. BIOCHEMICAL CHARACTERIZATION OF TWO 
RECOMBINANT GH10 FAMILY GLYCOSYL HYDROLASES 
AND DIFFERENTIAL EXPRESSION IN TWO MODEL 
FILAMENTOUS FUNGI. 
Abstract 
Polysaccharides from plant cell walls are the most abundant biomass on Earth and are 
an important resource for biofuel production. The main components of plant cell walls are 
cellulose, hemicellulose and lignin. Hemicellulose is the second most abundant 
component of renewable biomass and as arabinoxylan, is mainly composed of xylose 
and arabinose. Filamentous fungi, such as Trichoderma reesei, produce gram-per-liter 
levels of glycoside hydrolases (GHs). GH enzymes are required for hydrolysis of the 
glycosidic bonds present in complex polysaccharides, releasing fermentable sugars. In 
this project, we investigated the biochemical characteristics of two endoxylanases in two 
model filamentous fungi, Neurospora crassa and Aspergillus nidulans. Putative 
endoxylanase genes from N. crassa (ncu05924) and A. nidulans (an1818) were 
expressed homologously and heterologously in both filamentous fungi. Here, we 
demonstrate that A. nidulans was able to express and secrete at the same levels, both 
the recombinant homologous (AN1818) and heterologous (NCU05924) proteins, while N. 
crassa expressed the recombinant homologous protein at 26-fold more than the 
recombinant heterologous protein. All 4 endoxylanases had similar optimal pH (~5.8) and 
temperature (50 to ~55°C), similar secondary structures, and comparable glycosylation 
patterns. High performance liquid chromatography (HPLC) was used to identify the end 
products released by each enzyme from xylan substrates. The specific activity of AN1818 
was ~50% higher than NCU05924 on different model xylans.   
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Introduction 
Recently, an increased focus on decreasing fossil fuels as a main source of 
energy, especially regarding concerns related to global climate change, has led to 
intensive research into renewable biofuels. Plant cell wall polysaccharides are the most 
abundant source of biomass on Earth, characterizing an important resource for second 
generation biofuels [142, 143]. The main components of the plant cell wall are estimated 
as: cellulose (40.6% to 51.2%), hemicellulose (28.5% to 37.2%) and lignin (13.6% to 
28.1%) [1]. Biofuel production, utilizes different sugars such as glucose and xylose for 
fermentation by Saccharomyces cerevisiae, yielding ethanol [144].  Modern methods for 
hydrolysis of biomass into fermentable sugars consist of pretreatments using acids, 
alkalis, or others. These pretreatments often destroy much of the hemicellulose, 
impacting its use as a substrate for fermentation [145, 146]. Therefore, releasing the 
sugar components of hemicellulose through enzymatic treatment will likely increase its 
potential of for second generation biofuel production [11]. Nonetheless, hemicellulose is 
a complex heterogeneous polysaccharide [8] and require a set of enzymes for release of 
its component sugars.  
Xylan is present in woods as well as other plants such as grasses, cereals and 
herbs [9, 10]. The xylose backbone contains several decorating side-chain sugars such 
as arabinose, glucuronic acid, acetate, and ferulic acid [11]. Therefore, xylan is complex 
and requires the action of several different enzymes to completely hydrolyze the 
polysaccharide into fermentable monosaccharides [11, 12]. The wide array of enzymes 
includes endo-1,4-β-xylanases (EC 3.2.1.8), β-D-xylosidases (EC 3.2.1.37), α-L-
arabinofuranosidases (AFs) (EC 3.2.1.55), α-glucuronidases (EC 3.2.1.139), acetyl xylan 
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esterases (EC 3.1.1.72), and ferulic/coumaric acid esterases (EC 3.1.1.73) [11]. Because 
of this complex enzymatic machinery required for xylan deconstruction, further analysis 
of the required enzymes will provide substantial knowledge for industrial applications. 
One of the major bottlenecks of enzymatic treatment of bioenergy feedstock is the 
production cost of glycoside hydrolases (GH) for the depolymerization of the complex 
polysaccharides into fermentable sugars [147].  Trichoderma reesei and Aspergillus 
niger, both industrial fungal strains, are known for their high protein secretion on the order 
of grams of secreted protein per liter of culture [148]. Although some filamentous fungi 
demonstrate high efficiency secreting recombinant homologous protein, their secretion 
levels for recombinant heterologous proteins are 10-1000-fold lower than native proteins 
[149]. The two model filamentous fungi, Neurospora crassa and Aspergillus nidulans, 
have been extensively studied over the years, and thus a considerable knowledge has 
been generated on their genetics, molecular biology, biochemistry, and sexual cycle [40, 
46-48, 51, 55]. This extensive research makes both filamentous fungi genetically 
malleable organisms [45, 55].  
The two model filamentous fungi, N. crassa and A. nidulans, can act as major 
decomposers, harboring a wide enzymatic array used for biomass hydrolysis, a property 
that can be harnessed for food fermentation and biofuel industry applications [45]. In this 
study, we analyzed the expression and biochemical characteristics of two recombinant 
native endoxylanases from N. crassa and A. nidulans, NCU05924 and AN1818, 
respectively. Each enzyme was homologously expressed in its native host as well as 
heterologously expressed in the other fungus. The enzymes expressed in N. crassa were 
named NCU05924N and AN1818N, while the endoxylanases expressed in A. nidulans 
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were designated NCU05924A and AN1818A. We assessed the differential expression 
within each filamentous fungus and how their biochemical characteristics were affected 
by being homologously or heterologously expressed. 
Results 
Genes and protein modular organization for the two filamentous fungi 
endoxylanases. In Fig. 2.1, we present the gene organization and polypeptide for the 
two endoxylanases used in this study. The endoxylanase gene from A. nidulans, an1818, 
is composed of eight exons and seven introns (Fig. 2.1A). The endoxylanase gene from 
N. crassa, ncu05924, contains three exons and two introns (Fig. 2.1A). The gene product 
of an1818 harbors a predicted N-terminal signal peptide and a glycoside hydrolase family 
10 (GH10) module. The N. crassa polypeptide has a similar configuration when compared 
to AN1818; thus, the polypeptide possesses a N-terminal signal peptide and a GH10 
family module (Fig. 2.1B). Although the gene structure differs in some aspects (i.e. the 
number of exons and introns harbored by each gene), the protein structure between both 
endoxylanases present a similar modular architecture, AN1818 (dark gray) and 
NCU05924 (light gray) share amino acid sequence identity of 55%. Therefore, both 
endoxylanases characterized in the present study are likely secreted by the filamentous 
fungi to degrade xylan. Each protein, expressed homologously or heterologously in both 
filamentous fungi, were expressed with N-terminal 6His-tag to facilitate purification by 
immobilized metal affinity chromatography (IMAC). The proteins were further purified 
through a size exclusion chromatography to achieve better purity levels, as shown by 
sodium dodecyl polyacrylamide gel electrophoresis (SDS-PAGE) (Fig. 2.2A).  
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Fig. 2.1. Gene and protein architecture of an1818 and ncu05924. (A) Representation 
of gene structure of the two endoxylanases characterized in this study. The introns (dark 
gray) and exons (light gray) within the gene are shown. (B) Modular architecture of the 
two endoxylanases from this study. The N-terminal box in black denotes the predicted 
signal peptide for protein secretion.  
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Recombinant protein secretion and post translational modifications of the 
two endoxylanases. Analysis of protein secretion by fungal strain demonstrated that  A. 
nidulans strains secreted the recombinant homologous and heterologous endoxylanases, 
AN1818 and NCU05924, at the similar level. The total secreted protein ranged from 113 
± 6 mg/L for A. nidulans strain pANIP7-an1818 and 115 ± 7 mg/L for A. nidulans strain 
pANIP7-ncu05924 (Table 2.1). For the N. crassa strains, the expression of homologous 
and heterologous recombinant proteins yielded different expression levels. The total 
secreted proteins were comparable, with the N. crassa strain pNeurA2-ncu05924 and N. 
crassa strain pNeurA2-an1818 producing the two enzymes at 117 ± 4 mg/L and 113 ± 6 
mg/L, respectively. Although the similar yield of secreted protein, the homologous 
NCU05924N was 26-fold more secreted when compared to heterologous protein 
AN1818N (Table 2.1).   
The purified proteins, AN1818A, NCU5924A, AN1818N, and AN1818N from A. nidulans 
and N. crassa, respectively, were subjected to a Periodic Acid Schiff (PAS) stain, which 
detects sugar decorations on proteins (i.e. glycosylation). The protein sequences were 
probed with an in silico analysis for putative glycosylation sites. While NCU05924 was 
predicted to harbor one N-linked glycosylation site at asparagine position 103, AN1818 
did not seem to contain any glycosylation site, according to the NetNGlyc 1.0 Server 
(http://www.cbs.dtu.dk/services/NetNGlyc/). Based PAS assay, NCU05924 expressed in 
both fungi is glycosylated, while AN1818 expressed in each of the filamentous fungi 
appears to lack glycosylation. Thus, the results were in agreement with the in silico 
prediction (Fig. 2.2B).   
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Table 2.1. Differential expression of recombinant homologous and heterologous 
protein in the two model filamentous fungi. 
Strain 
Total protein 
(mg/L) 
IMAC* (mg/L) Gene origin 
pANIP7-an1818 113 ± 6 3.3 ± 0.4 A. nidulans 
pANIP7-ncu05924 115 ± 7 3.8 ± 0.3 N. crassa 
pNeurA2-
ncu05924 
117 ± 4 4 ± 0.2 N. crassa 
pNeurA2-an1818 113 ± 6 0.15 ± 0.03 A. nidulans 
 
IMAC*: Immobilized Metal Affinity Chromatography  
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Fig. 2.2. Purification and post-translational modification of the recombinant 
homologous and heterologous endoxylanases. (A) SDS-PAGE analysis of the four 
endoxylanases in this study and comparison to (B) PAS stain gel, which detects presence 
of sugars in the proteins. Using a negative control (-, soybean trypsin inhibitor) and 
positive control (+, horseradish peroxidase).   
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Optimal pH and temperature of the xylan degrading enzymes in both 
filamentous fungi. The optimal pH for all recombinant endoxylanases were determined 
at 37 °C with 0.5% wheat arabinoxylan (WAX) as the substrate. The four endoxylanases 
exhibited around 80% activity at an optimal pH range within physiological conditions, with 
the optimum pH for AN1818A, AN1818N, NCU05924A, and NCU05924N at pH 5.8 (Fig. 
2.3A).  
The AN1818A (homologous or expressed in A. nidulans) and AN1818N 
(Heterologous or expressed in N. crassa) exhibited an optimal temperature of 55°.  
Additionally, the endoxylanases NCU05924A (heterologous or expressed in A. nidulans) 
and NCU05924N (homologous or expressed in N. crassa) had a higher optimal pH at 60 
°C (Fig. 2.3B).  
Recombinant, homologous, or heterologous proteins have similar melting 
temperature and secondary structure. To compare the melting temperature of the four 
recombinant proteins, far-UV circular dichroism spectra (215nm) were collected with a 
temperature variation from 20°C to 95°C with a 2 °C step increase. The melting 
temperature, (i.e. the temperature where half the proteins is unfolded), was calculated 
from the generated spectra. For the recombinant proteins AN1818A and AN1818N, the 
melting temperature was 67°C (Fig. 2.4A).  
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Fig. 2.3. Biochemical characterization of four recombinant endoxylanases. 
Enzymatic activity reported relative to optimal pH (A) and temperature (B) conditions. 
Error bars represent standard deviation for three replicates.  
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Fig. 2.4. Melting temperature and secondary structure of the four recombinant 
endoxylanases. Far-UV circular dichroism spectra (215nm) used to calculate the melting 
temperature for AN1818A and AN1818N (A), NCU05924A and NCU05924N (B). Far-UV 
spectra circular dichroism spectra (190nm to 260nm) used to predict the secondary 
structures for AN1818A and AN1818N (C), NCU05924A and NCU05924N (D). 
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For the recombinant NCU05924A and NCU05924N, the melting temperature was 
69°C, interestingly with a similar thermostability until 65°C (Fig. 2.4B). The far-UV spectra 
(190 to 260nm) was also collected in order to compare secondary structural elements 
between the four different recombinant proteins (Fig. 2.4CD). Taking advantage of the 
Dichroweb server, a server that uses raw circular dichroism data to predict secondary 
structures within proteins, we were able to identify the α-helix, β-sheets, and β-turns in 
each of the recombinant proteins (Table. 2.2). These data suggested no significant 
difference (p-value: <0.05) in the proteins expressed either heterologously or 
homologously (i.e. AN1818A and AN1818N had the same structures, as well as 
NCU05924A and NCU05924N). 
Hydrolytic activities of recombinant proteins on different model xylans. To 
gain insight into the hydrolytic activities of each recombinant protein on different xylans, 
we incubated the four endoxylanases at their respective optimal pH and temperature for 
14-hours with four different model xylans, namely birchwood xylan (BWX), oat spelt xylan 
(OSX), insoluble wheat arabinoxylan (Ins.WAX), and wheat arabinoxylan (WAX). The 
reducing ends released from the polysaccharides were determined by the para-
hydroxybenzoic acid hydrazide (pHBAH) method. For the soluble substrate WAX, all four 
recombinant proteins showed higher activity when compared with the insoluble substrates 
BWX, OSX, and Insoluble WAX (ins.WAX). The homologously and heterologously 
expressed endoxylanases presented similar activities on BWX and OSX; however, more 
reducing ends were released from BWX than OSX. Except for the hydrolysis of ins.WAX, 
which AN1818 endoxylanases released more reducing sugar ends, the activities of 
AN1818 and NCU05924 were similar in each specific xylan substrate.(Fig. 2.5AB).  
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Table 2.2. Secondary structures calculated by Dichroweb for the four 
recombinant endoxylanases. 
Protein % α-helix % β-sheet % β-turn % Unordered 
AN1818A 46.00 ± 0.8 14.60  ± 0.47 12.60  ± 0.47 26 
AN1818N 44.33  ± 1.24 16.33  ± 1.24 13.33  ± 1.24 25.66  ± 0.47 
NCU05924A 39.66  ± 2.35 18.66  ± 1.24 16.33  ± 0.94 25 
NCU05924N 42.00  ± 0.81 19.33  ± 1.25 15.33  ± 0.47 23.66  ± 0.48 
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Fig. 2.5. Hydrolysis (14 hours) of xylan substrates by the four recombinant 
endoxylanases. These experiments were carried out by incubating 5mg/mL of xylan 
substrates with each endoxylanase at a final concentration of 0.5 μM at 37 °C and the 
products were analyzed by the pHBAH method. Error bars represent standard deviation 
for three replicates. 
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Interestingly, the pattern of end products released by each enzyme in the three substrates 
were different. The xylose and xylobiose levels released by endoxylanase AN1818A and 
AN1818N were 2-fold higher in WAX, BWX, and OSX when compared to NCU05924A 
and NCU05924N. The same was observed for ins.WAX but at 10-fold more xylose and 
xylobiose. In addition to xylose and xylobiose, NCU05924A and NCU05924N released 
xylotriose, an endproduct that was not present in any of the 14 hour reactions with 
AN1818 (Fig. 2.6A-D).  
Specific activities on different model xylans. To compare the specific activity 
of each recombinant enzyme, analyses of the hydrolytic activities of each enzyme were 
performed (Fig. 2.7). As expected, all four enzymes had higher specific activities on WAX, 
when compared to the other three substrates. Interestingly, AN1818A and AN1818N had 
about 50% more activity on all four model xylan substrates when compared to the activity 
of NCU05924A and NCU05924N. The highest activity was detected with AN1818A and 
AN1818N on WAX, releasing around 15000 μmol of sugar per μmol of enzyme per 
minute. Although AN1818 had about 50% more activity towards the xylan substrates than 
NCU05924, there were no observable differences in the specific activities when each 
homologously expressed protein was compared with its heterologously expressed form.  
Structure comparison between the endoxylanases AN1818 and NCU05924. 
Since AN1818 had a ~50% higher activity in all substrates when compared with 
NCU05924, we performed a structural comparison of the endoxylanases to identify 
potential differences that account for the increased activity. The NCU05924 was modeled 
based on homology against a crystalized endoxylanase from Aspergilus niger, xlnC (PDB: 
4XUY) [150], using Modeller v9.1. BLOSUM 60 colored superimposition of both proteins   
41 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Fig. 2.6. HPLC end product analysis of 14 hours hydrolysis of xylan substrates by 
the four recombinant endoxylanases. These experiments were carried by incubating 
5mg/mL of xylan substrates with each endoxylanase at a final concentration of 0.5μM at 
37°C, the products were analyzed and quantified by HPLC. Xylose (X1) and 
xylooligosaccharides (X2-X5) were used as standards for identification and quantification 
of released end products.  
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Fig. 2.7. Specific activities of the four recombinant endoxylanases towards xylan. 
Each enzyme at a final concentration of 30 nM was incubated with four different model 
xylan and four time points were used to calculate the rate of released reducing sugar by 
pHBAH method. Error bars represent standard deviation for three replicates. 
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highlights the high structure similarity between the enzymes (blue regions), while 
identifying the differences (red regions) (Fig. 2.8). A loop is the primary source of 
dissimilarity between the two proteins. Protein interaction interface (gray) imaging aids 
the identification of a crevice within AN1818 and NCU05924 stretching from the active 
site. In figure 2.9 and 2.10, tryptophan and histidine AN1818 correspond to a glycine loop 
on NCU05924 (highlighted in green), in the dissimilar loops respectively. 
Discussion 
The filamentous fungi possess several advantages for industrial scale protein production, 
primarily due to their ability to secrete proteins at grams per litter of culture [143]. Despite 
their high efficiency for producing recombinant homologous proteins, the secretion of 
recombinant heterologous proteins yields are reported to range from 10-to 1000-fold less 
[144]. In this study, we assessed the differential expression and biochemical 
characteristics of two endoxylanases from two filamentous fungi. The enzymes for this 
study are from Aspergillus nidulans (AN1818) and Neurospora crassa (NCU05924), and 
are both endoxylanases that were expressed homologously and heterologously in both 
model filamentous fungi. A major concern around heterologously expressed proteins, 
especially related to eukaryotic recombinant proteins, is the ability to preserve post-
translational modifications, such as glycosylation, which maintain the biochemical 
activities of the enzymes. Based on the results of this study, both filamentous fungi were 
able to maintain the glycosylation patterns of the native enzyme. Therefore, AN1818, 
which has no predicted glycosylation in its final structure, did not present glycosylation 
when expressed in A. nidulans or N. crassa (Fig. 2.2). The endoxylanase from N. crassa,  
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Fig. 2.8. Superimposition of the two endoxylanases AN1818 and NCU05924. The 
endoxylanases were superimposed and colored based on similarity using BLOSUM 60, 
containing the similar regions (blue) and dissimilar regions (red) . The highlighted loop 
(black circle) is the primary source of dissimilarity. The substrate xylotriose (gray and red) 
is also identified in the figure. 
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Fig. 2.9. Interaction surface of AN1818. (A) The protein interaction surface contains a 
crevice streching from the active site through the protein (gray). (B) The transparent 
interaction allows the visualization of the protein backbone (blue) with the dissimilar amino 
acids, tryptophan and histidine (green), at the loop. 
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Fig. 2.10. Interaction surface of NCU05924. (A) The protein interaction surface contains 
a crevice streching from the active site through the protein (gray). (B) The transparent 
surface interaction allows the visualization of the protein backbone (red) with the 
dissimilar amino acids glycines (green), at the loop. 
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which possess a predicted glycosylation site at the asparagine position 103, was 
glycosylated when expressed heterologously and homologously, i.e., when the gene was 
expressed in A. nidulans or N. crassa, respectively  (Fig. 2.2). Interestingly, A. nidulans 
was able to express and secrete the recombinant heterologous enzyme, NCU05924, with 
a similar efficiency when compared to its homologous enzyme, AN1818, both yielding 3.8 
± 0.3 mg/L and 3.3 ± 0.4 mg/L respectively (Table 2.1). In contrast, N. crassa secreted 
the recombinant heterologous protein, AN1818, at about 4-fold less than the recombinant 
homologous protein, NCU05924, i.e.,  0.15 ± 0.03 mg/L and 4 ± 0.2 mg/L, respectively 
(Table 2.1).  
The endoxylanases in this study, homologously and heterologously expressed, 
demonstrated an optimal temperature around 50 °C (Fig. 2.3), in contrast to the optimal 
growth temperature of both filamentous fungi that ranges between 28 °C and 37 °C. 
Another important aspect, the endoxylanases were able to maintain stability of their 
structure to about 65 °C (Fig. 2.4). Although surprising, it is not uncommon for 
endoxylanases from filamentous fungi to have a higher optimal temperature than optimal 
growth temperature. Recent reports, demonstrate the optimal temperature of a new 
endoxylanase isolated from Aspergillus niger as around 60°C [151].  These 
characteristics may be useful for industrial processes that require higher temperature. 
Our specific activity assays demonstrated that all the four endoxylanases 
described in this study have higher activities towards the soluble substrate WAX, while 
demonstrating the least activity on insoluble WAX (Fig. 2.7), an observation shows that 
the endoxylanases require access to the substrate to efficiently depolymerize it. 
Surprisingly, due to the similarity of the protein architecture of both endoxylanases, that 
48 
 
AN1818 have a 50% increased specific activity when compared to NCU05924 (Fig. 2.6). 
For the end products released, AN1818 released around 2 to 3-fold more xylose and 
xylobiose compared to NCU05924, i.e. 3.79 ± 0.55 mM xylose and 6.04 ± 0.31 mM 
xylobiose from BWX compared to 0.82 ± 0.02 mM xylose and 2.89 ± 0.16 mM xylobiose, 
respectively (Fig. 2.6). Besides, for each of the endoxylanases, the major end product of 
xylan degradation after 14 hours was xylobiose, with trace amounts of xylotriose in the 
case of the recombinant NCU05924. In our end point assays, all four enzymes released 
more reducing ends from WAX (Fig. 2.5), although more xylose and xylobiose were 
released from the insoluble BWX (Fig. 2.6). This may be explained by the nature of both 
xylans, in which WAX is an arabinoxylan composed of arabinose : xylose 38/62 ratio. 
While birchwood xylan is composed of more than 90% xylose residues, with less side 
chains. 
Based on the assays performed in this study, these data suggested no significant 
biochemical differences between the homologously or heterologously expressed 
proteins. AN1818A and AN1818N had the same biochemical characteristics such as 
optimal pH and temperature, secondary structures, and specific activities. The same 
observations were made for NCU05924A and NCU05924N, despite showing significantly 
lower activity compared to AN1818; therefore, heterologously and homologously 
expressed NCU05924 presented similar characteristics. 
The TIM barrel structure of the two endoxylanases studied is a common structure 
for proteins, with several GH10 examples in the literature [152]. TIM barrel structures are 
composed of helices and beta-strands forming a solenoid, curved to close itself, leaving 
the beta-strands in the center of the protein. In these two endoxylanases, the active sites 
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within the center of the beta-strands are highly conserved, thus possibly having similar 
enzymatic activity towards xylan substrates. However, the identified dissimilar loop 
stretching through the crevice within the protein structure (Fig 2.9 and Fig 2.10) in AN1818 
possess two aromatic amino acids (tryptophan and histidine) known to have sugar 
stabilization properties [153]. We hypothesized that, due to the enzymatic activity towards 
large xylan polysaccharides, these amino acids might stabilize the substrate on top of the 
crevice allowing a higher activity in AN1818 compared to NCU05924. 
In this study, we evaluated the differential expression and biochemical 
characteristics of two endoxylanases native to N. crassa and A. nidulans, respectively. 
The two proteins were expressed heterologously and homologously in both model 
filamentous fungi. By analyzing the secretion and biochemical behaviors in both 
filamentous fungi, we conclude that the intrinsic ability that both model fungi correctly 
folded and performed post-translational modifications to the protein, and thus maintaining 
the native biochemical characteristics of each protein or enzyme. Moreover, we observed 
that A. nidulans is able to produce similar levels of a protein either homologously or 
heterologously expressed, whereas N. crassa had 26-fold less secretion of the 
recombinant heterologous endoxylanase. 
 The filamentous fungi expression and secretion system is a complex system that 
relies on several key metabolic routes that can impact the production of heterologous 
proteins. Aspects relating to mRNA levels and stability can be address to increase the 
secretion of heterologous proteins via inclusion of native introns in target heterologous 
genes, fusion with highly expressed proteins, and manipulating codon usage. 
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Furthermore, development of chimeras utilizing native and heterologous proteins may be 
a feasible way to increase expression of recombinant enzymes for industrial applications. 
Materials and Methods 
The wild-type strains used in this study were Neurospora crassa FGSC2489 and 
Aspergillus nidulans strain A4. The strains for recombinant expression included 
Neurospora crassa strain FGSC9717 (delta mus-51::bar+; his-3 mat A), and the 
Aspergillus nidulans strain A1149 (pyrG89; pyroA4; nkuA::argB), obtained from the 
Fungal Genetics Stock Center (FGSC) (Kansas City, Missouri, USA) [154]. In this study, 
four strains were constructed to express two GH10 family proteins as recombinant 
proteins both homologously and heterologously. The chosen genes, derived from N. 
crassa (ncu05924) and A. nidulans (an1818), were cross-transformed in both model 
filamentous fungi, for heterologous and homologous expression. The N. crassa 
FGSC9717 was grown on minimal medium (APPENDIX A) containing L-histidine. A. 
nidulans A1149 was grown on minimal medium (APPENDIX A) supplemented with uracil, 
uridine, and pyridoxine. For N. crassa strains pNeurA2-an1818 and pNeurA2-ncu05924, 
a loop full of conidia from a frozen stock were grown on minimal medium for 10 days, of 
which the first three days were in total darkness at 30˚C and the remaining seven days at 
30˚C in constant light (300 lux). For expression studies, conidia were suspended in 1X 
Vogel’s salts, filtered through a few layers of miracloth, and  a conidial suspension of 
approximately 106 conidia per mL (final OD530 equals 0.002) were grown in expression 
medium (APPENDIX A) [155] under constant shaking (200 rpm) for 168 hours at 30˚C in 
constant light (300 lux). For A. nidulans strains pANIp7-an1818 and pANIp7-ncu05924, a 
loop full of conidia from frozen stock were grown on minimal medium supplemented with 
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pyridoxine (MM+P) and agar 1.5% (w/v). For expression studies, conidia were 
resuspended in MM+P and subjected to a haemocytometer cell count. Cultures were 
inoculated (2.5x107 spores) into expression medium (APPENDIX A) under constant 
shaking (150RPM) for 144-hours at 30˚C. E. coli DH5α (Invitrogen, Carlsbad, CA) was 
used for cloning and plasmid propagation. Bacteria were grown on lysogeny broth (LB) 
medium and plates supplemented with ampicillin (100 µg/mL) at 37°C. 
Genomic DNA isolation. N. crassa genomic DNA was isolated using a method 
adapted from Zhu et al. [156]. In brief, mycelia from a strain grown in Vogel’s salts 
supplemented with 2% (w/v) sucrose were grown for 2 days at 30 ˚ C in constant light (300 
lux). Mycelium was harvested and dried, 500 µL lysis buffer was added and the 
suspension was mixed vigorously using a vortex. One hundred µL of 10% (w/v) SDS and 
300 µL benzyl chloride were added, after which the suspension was mixed using a vortex 
and incubated at 50 °C for 1 hour at 400 rpm. During this hour, the suspension was 
regularly mixed using a vortex. Subsequently, 300 µL of a 3M sodium acetate (pH 5.2) 
solution was added and mixed using a vortex. The suspension was incubated on ice for 
15 minutes and centrifuged for 10 minutes at 16,000 x g. The supernatant was transferred 
to a new tube and an equal volume of isopropanol was added, mixed by inversion and 
incubated at -20 °C for 30 to 60 minutes. After centrifugation for 10 minutes at 16,000 x 
g at 4°C, the pellet was washed with 75% ethanol and dried on low heat (temperature?) 
for 10 minutes. The pellet was dissolved in ddH2O, and RNAse was added to a final 
concentration of 100 µg/mL. The suspension was incubated at 37 °C for 30 – 60 minutes 
and subsequently extracted once with phenol: chloroform: iso-amyl alcohol (25:24:1). 
One tenth volume of 3M sodium acetate (pH 5.2) and 2.5 volume of absolute ethanol was 
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added to the supernatant, mixed by inversion and incubated at -20 °C for 30 to 60 
minutes. After centrifugation for 10 minutes at 16,000 x g at 4 °C, the remaining pellet 
was washed with 75% ethanol and dried on low heat for 10 minutes. The pellet was 
dissolved in ddH2O. 
A. nidulans genomic DNA was isolated from two-day cultures in MM+P medium 
(APPENDIX). Mycelia were collected using a vacuum driven Buchner funnel containing 
a 0.22 µm glass fiber filter disk (Whatman) and finely ground into power with liquid 
nitrogen. The powdered mycelia were collected and 4 mL of extraction buffer (APPENDIX 
A) added and transferred into15 mL Falcon™ Conical Centrifuge Tubes (Fisher Scientific, 
Waltham, MA) and the mixture shaken for 15 minutes at 4°C to allow mycelia to mix 
thoroughly with the buffer. The suspension was centrifuged at 4000 rpm for 10 minutes 
to remove the cell debris. After centrifugation, 4 mL of phenol: chloroform: iso-amyl 
alcohol (25:24:1) was added to the supernatant and centrifuged at 4000 rpm for 10 
minutes at room temperature. Supernatant were transferred into new Falcon™ 15mL 
Conical Centrifuge Tubes and RNaseA added at a final concentration of 100 µg/mL. The 
mixture was then incubated at 37 °C for 30-60 minutes.  After incubation with RNaseA, 
an equal volume of phenol: chloroform: iso-amyl alcohol (25:24:1) was added and shaken 
for 15 minutes at 4°C and the mixture was centrifuged for 10 minutes at 4000 rpm twice. 
The supernatant was transferred to a 2 mL tube. An equal volume of isopropanol was 
added, mixed, and incubated at -20 °C for 30-120 minutes. The mixture was next 
centrifuged at 16,400 rpm for 15 minutes at 4 °C. The pellet was washed with 70% ethanol 
and centrifuged at 16,400 rpm for 5 minutes at 4°C. The resulting pellet was dried using 
a SpeedVac and re-suspended in 200 µL of ddH2O. 
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Expression plasmid construction. For the Neurospora crassa expression 
plasmid constructions, the vector pNeurA2 [157], harboring a 922 bp fragment of the 
autonomous ccg-1 promoter, which is highly induced under glucose repression [158], was 
used to express the recombinant homologous and heterologous GH10 family genes. The 
two genomic DNA from N. crassa FGSC 2489 and A. nidulans A4, respectively, were 
isolated using the methods described in the above paragraph. During amplification of the 
GH10 family genes from the genomic DNA, LIC sequences (small caps), a 3’ his tag 
(italics), a 5’ XbaI and a 3’ EcoRI restriction sites (underlined) and a stop codon were 
introduced by adding the sequences to the primers. Primer pair Pncu05924f2 / 
Pncu05924r2 (Table 2.3) was used for amplification of NCU05924 from N. crassa 
FGSC2489 genomic DNA, and the primer pair Pani01818F2 / Pani01818R2 (Table 2.3) 
was used for amplification of AN1818 from A. nidulans A4 genomic DNA. Ligation 
independent cloning was performed according to a previously published study [157]. In 
short, PCR products were gel purified (Qiagen) and treated with T4 DNA polymerase with 
dCTP (Invitrogen) at room temperature for 30 min followed by heat inactivation at 70 °C 
for 30 min. pNeurA was digested with Ssp1 (NEB) for 2 hours at 37 °C and treated with 
T4 DNA polymerase and dGTP (Invitrogen). The  sshI digested vector (100 – 500 ng), 1 
– 2 µg of PCR products were brought up to 20 µL with ddH2O and mixed, and then 6 µL 
was transformed into E. coli DH5α competent cells. The extracted plasmid was digested 
with EcoRI and self-ligated. Correct DNA sequences were confirmed by nucleotide 
sequence analysis (UIUC Core Sequencing Facility).  
For the A. nidulans expression plasmid constructions, the vector pANIp7, 
containing a GlaA promoter, inducible by maltose or starch, was used to express 
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recombinant homologous or heterologous proteins in A. nidulans strain A1149. Genomic 
DNA from N. crassa and A. nidulans were used to amplify NCU05924 and AN1818, 
respectively. Both genes were amplified with the restriction sites NheI and PmeI 
incorporated within the forward and reverse primers, respectively. The primer pairs 
P05924aniF2/P05924aniF2 and P01818aniF2/P01818aniR2 were used for amplification 
of NCU05924 and AN1818, respectively (Table 2.3). The pANIp7 plasmid and the PCR 
products were digested with NheI and PmeI, and ligated using T4 DNA ligase (New 
England Biolabs) as recommended by the manufacturer.  
Transformation of filamentous fungi strains. Electroporation of freshly harvested 
conidia from  N. crassa strain FGSC 9717  was based on the method by Marjolin and co-
workers [159]. Conidia were harvested from 10 to 20 day cultures, washed and 
centrifuged three times in 50 mL of 1 M sorbitol, and the suspension was adjusted to 2.5 
x 109 conidia/mL. Linearized plasmid DNA (300 - 2000 ng) was added to 40 μL of washed 
conidia (1x108 conidia) in a 0.2 cm electroporation cuvette (BioRad Laboratories, 
Hercules, CA) and kept on ice for 5 min. pNeurA2-NCU05924 was linearized with DraIII 
and pNeurA2-AN1818 was linearized with NdeI. After electroporation (voltage gradient: 
1.5 kV/cm; capacitance: 25 uFD; resistance: 600 ohms; BioRad Gene Pulser, BioRad 
Laboratories, Hercules, CA), 1 mL of 1 M sorbitol was added to each cuvette, the 
suspension was mixed by gently pipetting up and down, and a cell suspension of volume 
250 uL was directly plated on medium lacking histidine. Transformants were picked after 
3 to 5 days of incubation at 30 °C. For A. nidulans, a starting culture of 20 mL of YG+UUP 
(APPENDIX A) with 1 x 108 spores of Aspergillus nidulans strain A1149 was incubated 
for 14-hours at 30 °C in a water bath with 150 rpm shaking. The mycelia were collected 
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by filtration through Miracloth and washed with 40 mL of YG+UUP. Collected mycelia 
were transferred to a flask containing 8 mL of YG+UUP, and 8 mL of protoplasting solution 
(APPENDIX A) was added. The mixture of mycelia and protoplasting solution was 
incubated at 30 °C for 1 hour with a gently swirl every 20 minutes, and after 1 hour, the 
conidia were observed under a light microscope every 20 minutes until >60% of culture 
were in the protoplast state. The protoplast culture was poured on top of a 1.2 M sucrose 
cushion and centrifuged at 1800 x g for 10 minutes without the break. After centrifugation, 
the clear bottom layer containing the protoplasts were carefully pipetted, transferred to a 
new Falcon™ 50mL Conical Centrifuge Tubes from Fisher Scientific (Waltham, MA) with 
an equal volume of 0.6M KCl solution. The suspension was gently mixed and centrifuged 
at 1800 x g for 10 minutes. The pellet containing the protoplast was re-suspended in 2 
mL of 0.6 KCl and transferred to 1.5 mL Micro Centrifuge tubes (Celltreat, Shirley, MA), 
and this step was repeated three times. The pellet was re-suspended in 500 μL of 0.6M 
KCL and 50 mM CaCl2 and centrifuged at 2400x g for three minutes. This step was 
repeated once. Two µg of plasmid DNA was added to 100 μL of the protoplast solution 
and 50 μL of PEG 6000 25% solution, and the mixture was then placed on ice for 25 
minutes. One milliliter of PEG solution 6000 25% was added and 100 μL plated in MM+P 
plates. 
Selection of homokaryons. Homokaryotic strains were selected using a modified 
version of the method developed by Ebbole and Sachs 
(http://www.fgsc.net/fgn37/ebbole1.html). In short, iodoacetic acid slants (IAA) were 
inoculated using a small amount of macro-conidia with a sterile tip. Cultures were 
incubated at 25 °C with an approximate 12 hour light/dark cycle for 7-10 days. 
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Table 2.3. Primers used in this study. 
Primer Sequence (5’-3’) Amplicon Restriction site 
Pncu05924f2 
tacttccaatccaatgcaTCTAGAATGAAGGCCAG 
TCTCATGATGCTG 
 
NCU05924 in pNeurA2 XbaI 
Pncu05924r2 
ctcccactaccaatgccGAATTCTTAATGGTGATG 
GTGATGATGCTGAAGAGCCTGGACAATAGAGTTGT 
AGGC 
 
NCU05924 in pNeurA2 EcoRI 
Pani01818F2 
tacttccaatccaatgcaTCTAGAATGGTCCATCTT 
AAAACCCTCGCCGG 
 
AN1818 in pNeurA2 XbaI 
Pani01818R2 
ctcccactaccaatgccGAATTCTTAATGGTGATG 
GTGATGATGAGACAGAGCGTTGACGATTGCGTTATAGG 
 
AN1818 in pNeurA2 EcoRI 
P05924aniF2 GGCCGCTAGCATGAAGGCCAGTCTCATGATGCTG NCU05924 in pANIp7 NheI 
P05924aniR2 
CGAGGTTTAAACTCACTGAAGAGCCTGGACAATAG
AGTTGTAGGC 
NCU05924inpANIp7 PmeI 
P01818aniF2 GGCCGCTAGCATGGTCCATCTTAAAACCCTCGCC AN1818 in pANIp7 NheI 
P01818aniR2 
CGAGCGTTTAAACCTAAGACAGAGCGTTGACGATT
GCGTTATAGG 
AN1818 in pANIp7 PmeI 
Ncu03139-His-3rev CAGACCAAGGGAAGTGTTGG 
Integration of GH10 pNeurA2 at 
his-3 locus 
No 
His-3-flank-rev TGTGAACCTCCCAAACAACCG 
Integration of GH10 pNeurA2 at 
his-3 locus 
No 
His-3flank-rev2 CGTTGCATGTGAACCTCCCAAACAACCG 
Integration of GH10 pNeurA2 at 
his-3 locus 
No 
PanpyrGUpF1 CGCCATAGCTTAAAGAAAACGCGCAGCTCAAGC 
Integration of GH10 pANIp7 at 
pyrG locus 
No 
PanpyrGdownR1 TAAGCTTCGGGTAGAGTATGTGGTCCTGATAGC 
Integration of GH10 pANIp7 at 
pyrG locus 
No 
ncu05924intronrev 
GGCCGGCCTTAATGGTGATGGTGATGATGCTGAA
GAGCCTGGACAATAGAGTTGTAGGC 
Integration of GH10 pANIp7 at 
pyrG locus 
No 
AN1818intronrev 
GGCCGGCCTTAATGGTGATGGTGATGATGAGACA
GAGCGTTGACGATTGCGTTATAGGC 
Integration of GH10 pANIp7 at 
pyrG locus 
No 
Ani01818probeF CACTCCCAGCTCCCCTCTTG Probe for Southern blot No 
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Table 2.3 (cont.) 
Primer Sequence (5’-3’) Amplicon Restriction site 
Ani01818probeR CGATTCCATCGATAGGCACGC Probe for Southern blot No 
NCU05924probeF GACGTCGCCAACGAAATCTTCAATGAAG Probe for Southern blot No 
NCU05924probeR CCGACACACTTGGGCTCGCTC Probe for Southern blot No 
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Microconidia were harvested from cultures by adding 2 mL of sterile water to tubes 
followed by rigorous vortex mixing for 30-60 sec.  The conidial suspensions were passed 
through 5 μm Millex Durapore filter units (Millipore) on the end of a 1-mL syringe using 
sterile conditions with gravity and without the use of the barrel. Microconidia were 
germinated in darkness at 34 °C after spreading on freshly prepared BDES (Appendix A) 
plates with volumes of 25, 50, 100, and 200 L. Colonies were picked after 3 days by 
carefully cutting the colony with a 25G needle and ensuring to pick only clearly isolated 
colonies. Vegetative homokaryotic stocks were obtained by transferring individual 
colonies to slants of Vogel's sucrose medium. Homokaryotic strains were confirmed by 
PCR on purified gDNA using primers Ncu03139-His-3rev / His-3-flank-rev (or alternatively 
NCU03139-His-3rev2 / His-3flank-rev2) (Table 2.3) that determined whether the genes 
of interests were integrated at the his-3 locus in the genome. The PCR amplification gave 
two PCR products in a heterokaryotic strain (no integration + integration of the GH10 
gene) while a single band was obtained in the case of the homokaryons..  
For A. nidulans, homokaryotic strains were confirmed by PCR on purified genomic 
DNA using the primers PanpyrGUp1/PanpyrGdownR1 (Table 2.3), for detection of 
plasmid integration. Primer combinations, PanpyrGUp1/ncu05924intronrev or 
an1818intronrev (Table 2.3), were used for detection of the xylanase gene in the two 
constructs ncu05924 and an1818. 
Gene copy number determination. Recombinant gene copy number of 
homokaryotic strains was verified using Southern blotting. Thirty micrograms of genomic 
DNA was digested overnight at 37 °C using 20 units of EcoRI (AN1818) or SacII 
(NCU05924) and separated on a 1% w/v agarose gel. Southern blotting was performed 
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using Hybond N+ charged nylon membrane (Roche, San Francisco CA) and a vacuum 
blotting system (VAcuGene XL, GE healthcare) according to the manufacturers’ 
instructions. DNA probes were amplified from genomic DNA using primers 
Ani01818probeF/Ani01818probeR for AN1818 transformants and 
NCU05924probeF/NCU05924probeR for NCU05924 transformants (Table 2.3). Labeling 
of the probe and detection of the gene copy number was done using the DIG high prime 
labeling and detection starter kit II (Roche, San Francisco, CA) according to the 
manufacturer’s instructions. Luminescence was detected and captured with a Typhoon 
9410 imager (GE Healthcare).   
Concentration of spent medium and protein detection. In order to detect 
secreted recombinant proteins in N. crassa, the spent medium was collected from the 
mycelium by filtering through a 0.22 µm polystyrene filter (MilliQ) topped by a glass fiber 
filter (Whatman) and kept at 4°C until concentrated. The spent medium was then 
concentrated 30–80 fold at a constant temperature of 4 °C and buffer exchanged with 
binding buffer.  A MasterFlex sample concentrator (Cole-Parmer, Vernon Hills, IL) was 
used according to the manufacturer’s instructions. For A. nidulans, the mycelia were 
harvested by centrifuging at 10,000 RPM at 4°C for 20 minutes in a SORVALL RC-3C 
Plus Thermo Scientific (Waltham, MA), and the supernatant was filtered through 4 layers 
of miracloth. The spent medium was concentrated 50-fold using a 10 kDa MWCO PES 
concentrator (Corning). Total protein quantification was performed using a Bradford 
microtiter assay (Biorad) [160]. Recombinant protein was purified from the concentrated 
supernatant by immobilized metal affinity chromatography (IMAC) using Talon cobalt 
resin (Clontech) according to the manufacturer’s instructions and elution performed in the 
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corresponding elution buffer (APPENDIX A). To increase the purity of the recombinant 
proteins, these proteins eluted were subjected to a size exclusion chromatography on an 
AKTAxpress fast protein liquid chromatography (FPLC) system equipped with a HiLoad 
16/60 Superdex 75 column from GE Healthcare (Piscataway, NJ). The chromatography 
was developed with a binding buffer used for the IMAC method. The eluted samples were 
analyzed on 12% w/v SDS-PAGE according to Laemmli’s method [161]. The fractions 
that showed highest purity were pooled and used for biochemical assays. 
Determination of optimal pH and temperature. The following buffers were used 
throughout the study for the pH profile of the recombinant enzymes AN1818 and 
NCU05924: 50 mM sodium citrate with 150 mM NaCl (pH 3.5 to ∼6.2), 50 mM sodium 
phosphate with 150 mM NaCl (pH 5.2 to ∼8.0). Each enzyme, at a final concentration of 
0.5μM, was incubated with 5 mg/mL of WAX and samples were collected at four time 
points (0, 10, 20, and 30 minutes) at 37 °C. The reducing sugars released were measured 
using the pHBAH method as described elsewhere [162], and the reaction rates were 
calculated. The optimal temperatures were determined by incubating each enzyme at a 
final concentration of 0.5 μM with 5 mg/mL WAX in a buffer of optimal pH at temperatures 
varying from 15 to 75 °C with an interval of 5 °C. 
Activity screening in different model xylans. The activities of AN1818 and 
NCU05924, homologously or heterologously expressed, on different model xylans were 
assessed by incubating 0.5 μM of each enzyme with xylan substrates at 37°C for 14 
hours. The xylan substrates used in this study were: Wheat arabinoxylan, WAX; 
Birchwood xylan, BWX; Oat spelt xylan, OSX; and Insoluble Wheat arabinoxylan, 
Ins.WAX. The reducing sugars were determined by pHBAH method.   
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Analysis of the components from xylan hydrolysis. For the analysis of the 
components of xylan hydrolysis by the enzymes, 100 μL of appropriately diluted reactions 
were analyzed by a System Gold high-performance anion exchange chromatography 
(HPLC) instrument from Beckman Coulter (Fullerton, CA). The HPLC instrument was 
equipped with a Dionex CarboPac PA1 guard column (4 by 50mm) and an analytical 
column (4 by 250mm) from Thermo Scientific (Waltham, MA) connected to a Coulochem 
III electrochemical detector from ESA Biosciences (Chelmsford, MA). Xylose (X1).  
Xylooligosaccharides (X2-X5) were used as standards. The sugars were resolved using 
a 100mM NaOH buffer with a linear gradient of 100mM NaOH and 1.1M sodium acetate.  
Specific activity of GH10 on different xylan substrates. To determine the 
specific enzymatic activities of each homologously or heterologously expressed 
endoxylanase towards each substrate (WAX, BWX, OSX, and Ins.WAX),  specific activity 
was determined at the optimal pH and temperature with a final enzyme concentration of 
30 nM. For each enzyme, four time points were used to calculate the reaction rate, and 
reducing end released per enzyme per time was used to determine the specific activity. 
A standard curve was generated with known concentrations of xylose. 
Circular dichroism spectroscopy. Far-UV Circular dichroism spectroscopy was 
utilized to analyze the melting temperature and secondary structure of the recombinant 
proteins expressed homologously and heterologously in A. nidulans and N. crassa. These 
measurements were done using a J-815 CD spectropolarimeter from Jasco (Easton, MD) 
equipped with a constant temperature cell holder. Before analyzing the proteins, each 
protein was dialyzed in a Slide-A-Lyzer Dialysis Cassette 10kDa cut-off (Waltham, MA) 
in 10mM sodium phosphate buffer at the optimal pH. For secondary structure analysis, 
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300 μL of each enzyme, in a final concentration of 0.2 mg/mL, was added to a 1-mm 
quartz cuvette and incubated at 25 °C. The measurements were taken at an initial 
wavelength of 260 nm and a final wavelength of 190 nm with a wavelength step of 0.1 
nm. The analysis of the secondary structure of the proteins was conducted on the 
Dichroweb website (http://dichroweb.cryst.bbk.ac.uk/html/home.shtml) using an 
algorithm of CDSSTR with a reference Set 4 optimized for 190–240 nm [163, 164]. For 
the melting temperature of each enzyme, a constant wavelength of 215 nm and 222 nm 
were recorded with a temperature variation from 20 to 95°C.  
 Detection of protein glycosylation. Eight micrograms of IMAC purified 
recombinant protein was run on a 12% w/v denaturing SDS-PAGE gel and stained using 
a Periodic Acid Schiff (PAS) based stain (Pierce Glycoprotein staining kit). The methods 
were in accordance to the manufacturers’ description using soybean trypsin inhibitor 
(protein with no glycosylation sites) and horseradish peroxidase (protein with 8 
glycosylation sites [165]) as controls.  
Homology modeling. A protein structure model for the endoxylanase NCU05924 
from N. crassa was generated utilizing the MODELLER software (v9.17) [166, 167], using 
a single template approach, where the amino acid sequence and crystal structure for the 
modeled protein were aligned with a known crystal structure template – the endoxylanase 
xlnC (62% identity with NCU05924) from Aspergillus niger (PDB: 4XUY). 
 The protein structure model was analyzed using the software Visual 
Molecular Dynamics (VMD, v. 1.9.3) [168]. The built-in multiple sequence alignment tool 
was utilized to align the model NCU05924 with the known structure AN1818 (PDB: 1TA3) 
[169] to help elucidate the structural basis of the differences between the enzymes. The 
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two endoxylanases were aligned and overlaid utilizing VMD’s built-in tools. A similarity 
coloring (BLOSUM 60) were used to identify differences in the sequence alignment. 
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CHAPTER 3. XYLAN DEGRADING ENZYMES FROM HUMAN 
COLONIC BACTEROIDES INTESTINALIS1 
Abstract 
Many human diets contain arabinoxylan, and the ease of genome sequencing 
coupled with reduced cost have led to unraveling the arsenal of genes utilized by the 
colonic Bacteroidetes to depolymerize this polysaccharide. The colonic Bacteroidetes 
with potential to ferment arabinoxylans include Bacteroides intestinalis. In this study, we 
analyzed the hydrolytic activities of members of a xylan degradation cluster encoded on 
the genome of Bacteroides intestinalis DSM 17393. Here, it is demonstrated that a 
cocktail of the xylanolytic enzymes completely hydrolyze arabinoxylans found in human 
diets. Fascinatingly, this bacterium and other relatives have evolved and secrete a unique 
bifunctional endoxylanase/arabinofuranosidase in the same polypeptide. The bifunctional 
enzyme and other secreted enzymes attack the polysaccharides extracellularly to remove 
the side-chains, exposing the xylan backbone for cleavage to xylo-oligosaccharides and 
xylose. These end products are transported into the cell where a β-xylosidase cleaves 
the oligosaccharides to fermentable sugars. While our experiments focused on B. 
intestinalis, it is likely that the extracellular enzymes also release nutrients to members of 
the colonic microbial community that practice cross-feeding. The conservation of the 
genes characterized in this study in other colonic Bacteroidetes alludes to a conserved 
strategy for energy acquisition from xylans, a component of human diets. 
1Kui Wang, Gabriel V. Pereira, Janaina J. V. Cavalcante, Meiling Zhang, 
Roderick Mackie and Isaac Cann*. 2016. Bacteroides intestinalis DSM 17393, a 
member of the human colonic microbiome, upregulates multiple endoxylanases 
during growth on xylan. Nature Scientific Reports. In submission. 
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Introduction 
The human lower gastrointestinal tract (GIT) harbors trillions of bacteria that 
orchestrate a wide variety of biological activities absent in the host human cells [99-103]. 
Moreover, humans lack enzymes required to degrade and ferment structural 
polysaccharides present in dietary fibers [170]. Fermentation of dietary fibers by the 
microbes residing in the human GIT represents approximately 3-10% of the human 
energy balance [105], and has a large impact on the microbiota diversity in the GIT. It has 
been reported that the GIT microbiota have influence over development of the human 
immune system, physiology and metabolism [107]. An unbalanced microbiota, usually 
termed dysbiosis, has been linked to chronic GIT diseases [171], allergies [172], obesity 
[173], and colorectal cancer [174]. Recent advances in DNA sequencing has unraveled 
the complex microbial communities in the GIT, leading to microbial gene libraries that 
surpass the genes encoded in the human genome by 100-fold [102, 175]. It is estimated 
that roughly 75% of the genes encoded by the human gut microbiome are of unknown 
function or are poorly characterized [102].  
Fermentation of dietary fiber is one of the most important roles of the human lower 
GIT microbiota because they can degrade polysaccharides that are recalcitrant to human 
enzymes [25]. Xylan is a hemicellulose, the second largest structural polysaccharide on 
our planet, and it is found in especially significant amounts in cereal grains consumed by 
humans, such as wheat, rye, and oat [114]. Due to its heterogeneity, complete hydrolysis 
of xylan to its unit sugars requires a combination of different enzymes such as 
endoxylanases, β-xylosidases, ferulic acid esterases, α-glucuronidases, α-L-
arabinofuranosidases, and acetylxylan esterases [11]. A total of roughly 168 different 
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catalytic modules or polypeptides related to the degradation of plant structural 
polysaccharides, including xylan, have been described across all three domains of life, 
and the vast majority is found in microbial communities [15]. The enzymatic activities in 
these polypeptides include glycoside hydrolases (GH), polysaccharide lyases (PL), 
glycoside transferases (GT), and carbohydrate esterases (CE), and these polypeptides 
are frequently associated with one or more of 64 families of carbohydrate binding modules 
[15, 122].   
In the human lower gut microbial community, the genus Bacteroides encodes the 
largest collection of genes related to xylan degradation [122, 123]. These organisms have 
a large variety of polysaccharide utilization loci (PULs) composed of core genes encoding 
carbohydrate/polysaccharide binding proteins, extracellular polysaccharide degrading 
enzymes, outer membrane transporters, hybrid two component systems (HTCS) 
containing polysaccharide sensing modules, and a repertoire of glycoside hydrolases in 
the periplasm that breakdown oligomeric sugars into fermentable sugars [124, 125]. This 
conserved xylan utilization system (XUS) is present in several members of the genus 
Bacteroides in the GIT of a range of hosts [25, 123, 176]. 
Bacteroides intestinalis DSM 17393 is a xylanolytic bacterium isolated from the 
fecal sample of a healthy Japanese through a selective medium for polyamine-producing 
bacteria [140]. This bacterium possesses a large genomic region (~60 kb) shown to target 
xylan degradation, and in addition it is thought to encode the largest aggregation of 
carbohydrate-active enzymes (CAZymes) among all gut bacteria to date [25, 141]. 
Previous work, including transcriptome analysis of B. intestinalis DSM 17393 grown on 
wheat arabinoxylan (WAX), demonstrated that nearly 70 genes related to xylan 
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degradation and spanning two large distinct PULs, were up-regulated when compared to 
the same organism grown on xylose. In the present study, we present the function and 
comparison of five different endoxylanases (BACINT_04197, BACINT_04202, 
BACINT_04210, BACINT_04213, and BACINT_04215) upregulated in one of the two 
PULs during growth on xylan versus xylose. Furthermore, we determine the functional 
interactions of the endoxylanases with two putative accessory enzymes (BACINT_04203 
and BACINT_04205) encoded in the same PUL and upregulated with the endoxylanases 
in B. intestinalis DSM 17393. By comparing the domain architectures of the 
endoxylanases, assessing their biochemical activities, and elucidating their synergistic 
interactions with the putative accessory enzymes, we provide insights into the enzymatic 
machinery utilized by a human gut commensal bacterium in depolymerizing 
polysaccharides found in human diets. Energy acquisition and cellular building blocks 
from the metabolism of the depolymerized polysaccharides form an important prerequisite 
for establishment and persistence of the human lower gut microbiome. 
Results 
Multiple endoxylanases in a gene cluster in the human commensal 
bacterium B. intestinalis DSM 17393. The major human gut bacterium B. intestinalis 
DSM 17393 has been shown to up-regulate a large number of genes during growth on 
xylan [25]. Among the up-regulated genes is a group that clusters on the genome (Fig. 
3.1A). Within the cluster are several genes that are predicted to encode endoxylanases 
and their accessory enzymes for degradation of xylans. The accessory enzymes are 
putative side-chain removing enzymes, i.e., a predicted β-xylosidase or an 
arabinofuranosidase and a putative α-glucuronidase. The xylan targeting genes and their  
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Fig. 3.1. Five endoxylanases, a β-xylosidase and an α-glucuronidase encoding 
genes in B. intestinalis DSM 17393. (A) The transcriptomic response and genomic 
context for the xylanolytic enzyme coding genes in B. intestinalis. (B) Fold change (up-
regulated) of the xylanases, β-xylosidase and α-glucuronidase genes transcription on 
soluble WAX compared with xylose.  
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predicted functions are BACINT_04215 (endoxylanase), BACINT_04202 
(endoxylanase), BACINT_04203 (β-xylosidase), BACINT_04213 (endoxylanase), 
BACINT_04205 (α-glucuronidase), BACINT_04197 (endoxylanase), and BACINT_04210 
(endoxylanase), and they were up-regulated 167-, 89-, 70-, 66-, 61-, 39-, and 17-fold 
during growth on wheat arabinoxylan (WAX) relative to xylose (Fig. 3.1B). Since 
endoxylanases are critical to the harvesting of the energy in xylans, nutrients inaccessible 
to the human host cells, we explored how B. intestinalis endoxylanases act in concert 
with the co-clustering accessory enzymes to degrade xylans present in three cereals 
consumed by humans as energy source. 
Modular organization of the B. intestinalis DSM 17393 putative 
endoxylanases. In Fig. 3.2A, we present the modular organization of the seven 
polypeptides in the cluster that likely targets xylans for degradation. The gene product of 
BACINT_04197 or BiXyn10C is made up of a predicted signal peptide and a glycoside 
hydrolase family 10 (GH10) module with an insertion of two family 4 carbohydrate binding 
module (CBM)-like sequences. The BiXyn10B/Ara43 polypeptide is made up of a putative 
N-terminal signal peptide followed by a GH10 module and a GH43 module (annotated as 
a β-xylosidase in the Genbank). The BiXyn8A is composed of a putative N-terminal signal 
peptide and a GH8 module. This protein was previously characterized together with 
another GH8 found in the same bacterium by our group [177]. The BiXyn5A comprises of 
a putative N-terminal signal peptide, a GH5 module and then an Ig2-like module. The final 
endoxylanase is very similar to BiXyn10C, as it is made up of a putative signal peptide 
and a GH10 module interrupted by two CBM sequences. The functions of this polypeptide 
including its inserted CBMs have been well characterized by our lab [25]. While BiXyl43A 
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Fig. 3.2. Xylanolytic enzymes of B. intestinalis DSM 17393. (A) Schematic domains of 
five putative endoxylanases (BiXyn10A, BiXyn5A, BiXyn8A, BiXyn10B/Ara43A, and 
BiXyn10C) and two accessory enzymes (BiXynl43A and BiAgu67A) (B) SDS-PAGE 
analysis of the seven xylanolytic enzymes mentioned above in panel A.  
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 is composed of a GH43 module without a signal peptide, the other potential accessory 
enzyme BiAgu67A contains a signal peptide followed by a GH67 module. Thus, based 
on the modular organizations, except for Xyl43A, it is likely that each of the xylan targeting 
polypeptides characterized in the present study, is secreted outside of the cytoplasm. The 
Xyl43A on the other hand likely has a role inside the cytoplasm, as it lacks a signal 
peptide. Each protein was expressed with an N-terminal 6His-tag to facilitate purification 
by immobilized metal affinity chromatography (IMAC). The polypeptides were further 
purified by size exclusion chromatography close to homogeneity (Fig. 3.2B), as judged 
by sodium dodecyl polyacrylamide gel electrophoresis (SDS-PAGE).  
Optimum pH and temperatures of the xylan degrading enzymes in B. 
intestinalis DSM 17393. The optimum pH of the endoxylanases were determined at 37 
°C with WAX as the substrate. In general, of the five endoxylanases, four exhibited a 
broad optimum pH range (Fig. 3.3A). Thus, over 75% of the activity for Xyn10C, Xyn8A, 
Xyn5A and Xyn10A remained between pH 5.0 and 7.0, with the optimum pH occurring at 
7.0, 6.0, 6.0, and 6.0, respectively, for the four enzymes (Table 3.1). The Xyn10B/Ara43A, 
on the other hand, exhibited a sharp pH optimum at 5.5, although over 85% of the 
enzymatic activity was detectable at pH 6.0. In the case of Xyl43A, the pH optimum was 
determined with xylobiose at 37 °C. With this substrate, Xyl43A showed an optimum pH 
of 6.5 (Table 3.1), with over 65% of the maximum activity being detected at a pH range 
of 5.5-8.0. (Fig. 3.3A).   
Except for Xyl43A which showed an optimum temperature at about 35 °C, Xyn10C, 
Xyn10A/Ara43A, Xyn8A, Xyn5A, and Xyn10A showed optimum temperatures around 45-
50 °C (Fig. 3.3B). At 40 °C, we detected about 65%, 85%, 90%, 60%, 60%, and 80% of 
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Fig. 3.3. Biochemical characterization of xylan utilization loci in B. intestinalis DSM 
17393. Enzymatic activity reported relative to optimal pH (A) and temperature (B) 
conditions. Error bars represent standard deviation for three replicates 
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Table 3.1. pH and temperature optima of xylanolytic enzymes in xylan utilization loci. 
Enzyme pH optima Temperature optima 
BiXyn10C 7.0 45 °C 
BiXyn10B/Ara43A 5.5 50 °C 
BiXyn8A 6.0 50 °C 
BiXyn5A 6.0 50 °C 
BiXyn10A 6.0 45 °C 
BiXyl43A 6.5 35 °C 
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the maximum activity of Xyn10C, Xyn10B/Ara43A, Xyl43A, Xyn8A, Xyn5A, and Xyn10A, 
respectively (Table 3.1).   
Specific activities of multiple endoxylanases on xylan substrates. Analyses 
of the hydrolytic activities of the five enzymes were performed by determining the specific 
activity of each enzyme in its optimal pH and temperature. As shown in Table 3.2, all five 
enzymes exhibited hydrolytic activity with WAX, rye arabinoxylan (RAX), and oat spelt 
xylan (OSX). The Xyn10B/Ara43A and Xyn8A showed high specific activities towards all 
three substrates, and the highest activities were found with WAX. While Xyn10C, Xyn5A, 
and Xyn10A exhibited similar substrate specificities, they were more efficient in the 
hydrolysis of RAX than WAX. Furthermore, the specific activity with OSX, in each case, 
was less than that with WAX and RAX, suggesting that OSX is more recalcitrant to 
hydrolysis by the enzymes. 
Hydrolysis of xylans by the endoxylanases of B. intestinalis DSM 17393. We 
examined the hydrolytic patterns of the five endoxylanases at pH 6.5 and a temperature 
of 37 °C on the three different xylan sources derived from cereal grains, i.e., WAX, RAX, 
and OSX. The pattern of end products release from the three xylans by Xyn10C, Xyn5A, 
and Xyn10A were similar, with Xyn10A releasing more end products than the Xyn10C 
and Xyn5A enzymes (Fig. 3.4). The end products of the Xyn5A, on the other hand, 
consistently contained a product similar to xylopentaose, which was often missing in the 
end products of the Xyn10 enzymes. The Xyn8A released end products with retention 
times similar to xylose, xylobiose and xylotriose; although on OSX, an end product similar 
to xylohexaose was also observed. The hydrolytic activity of BiXyn10A/Ara43A was quite 
different from the other xylanases, since it released large amounts of xylose and xylobiose  
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Table 3.2. Specific activities of the five B. intestinalis DSM 17393 endoxylanases with 
WAX, RAX and OSX as substrates. 
                              Specific activities (μmol/sec/μmol) 
Substrate BiXyn10C BiXyn10B/Ara43A BiXyn8A BiXyn5A BiXyn10A 
WAX 37.6±4.3 1682.6±56.3 1547.7±2.6 254.3±5.1 250.1±4.2 
RAX 39.9±0.7 1634.6±158.3 1227.7±150.5 554.7±30.3 351.1±17.8 
OSX 23.2±1.6 619.8±31.1 743.9±21.8 43.6±2.7 188.0±2.0 
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Fig. 3.4. Overnight hydrolysis (14 hours) of xylan substrates (WAX, RAX and OSX) 
with the five putative endoxylanases. The experiments were carried out by incubating 
5 mg/mL xylan substrate with each endoxylanase at final concentration of 0.5 M at 37 
°C for 14 hours, the products of hydrolysis were identified and quantified by HPLC, 
Arabinose (A1), xylose (X1) and xylo-oligosaccharides (X2 to X6) were mixed and 
analyzed by HPLC to serve as standards for the assignment of the released products. 
Calibration curves were constructed with known concentrations of A1 and X1-X6. The 
concentrations of each sugar were calculated by fitting the peak area into calibration 
curve.  
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from the three different substrates together with large amounts of arabinose, an end 
product not seen with the other endoxylanases. Note that discernible amounts of 
xylotriose were also released from all three substrates by BiXyn10A/Ara43A (Fig. 3.4).  
Hydrolytic products of the accessory enzymes clustering with the 
endoxylanases. The gene products of the two genes predicted to encode accessory 
proteins in the cluster were examined for their functional roles in the degradation of the 
polysaccharide xylan, by using alduronic acids and also xylo-oligosaccharides ranging 
from xylobiose to xylohexaose. The alduronic acids were composed of short xylo-
oligosaccharides with methyl-glucuronic acid side chains. As shown in Fig. 3.5A, the 
incubation of Xyl43A with xylo-oligosaccharides ranging from xylobiose to xylohexaose 
led to cleavage or hydrolysis to their unit sugar, i.e., xylose. The results, therefore, 
identified Xyl43A as a versatile β-xylosidase rather than an arabinofuranosidase. The 
Agu67A, predicted to be an α-glucuronidase, was tested for activity through its capacity 
to cleave the methyl-glucuronic acid side chains from the alduronic acids. As shown in 
Fig. 3.5B, incubating Agu67A with the alduronic acids resulted in the release of xylose 
and xylo-oligosaccharides (xylobiose and xylotriose) into the reaction mixture. In contrast, 
addition of Xyl43A to the alduronic acid led to release of only a little amount of xylose into 
the medium, indicating that the Xyl43A has the capacity to cleave xylose from some of 
the alduronic acids, most likely terminal xylose free of side chains. The results, therefore, 
demonstrated that Xyl43A does not cleave xylo-oligosaccharides decorated with methyl-
glucuronic acids, most like due to steric hindrance of the side chain in the active site. The  
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Fig. 3.5. Functional analyses of B. intestinalis β-xylosidase BiXyl43A and α-
glucuronidase BiAgu67A. (A) Hydrolysis of xylo-oligosaccharides (X2-X6) by BiXyl43A. 
Purified BiXyl43A was incubated with different xylo-oligosaccharides and the hydrolytic 
products were analyzed by HPLC. (B) Hydrolysis of aldouronic acids by BiXyl43A and 
BiAgu67A. The activity of the BiAgu67A was determined by the function to release xylo-
oligosaccharides from aldouronic acids and its capacity to release xylose from aldouronic 
acids when act synergistically together with a β-xylosidase (BiXyl43A). The reaction 
products were analyzed by HPLC and identified by compared with peaks with retention 
times of xylo-oligosaccharides as standards.  
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two enzymes (Xyl43A and Agu67A), however, functioned synergistically to cleave the 
alduronic acids to mostly xylose (Fig. 3.5B). 
Synergistic activity of the xylan targeting enzymes clustering on the B. 
intestinalis DSM 17393 genome. We examined the functional interactions of the five 
endoxylanases and their associated accessory enzymes located in the gene cluster. In 
each experiment, the enzyme mixtures were incubated with the substrates at 37 °C for 
14 hours. Combining each of Xyn10C, Xyn8A, Xyn5A or Xyn10A with the two accessory 
enzymes (Agu67A and Xyl43A) led to the release of xylose from each xylan substrate 
(Fig. 3.6). Combining the Xyn10B/Ara43A with the accessory enzymes, on the other 
hand, led to two- or more fold of the xylose released compared with the other mixtures. 
In addition, large amounts of arabinose were also released from each substrate in the 
presence of the bifunctional enzyme Xyn10B/Ara43A. A combination of the five 
endoxylanases with the accessory enzymes yielded a similar end products profile of 
xylose and arabinose from the three xylans, and the levels of the end products released 
were higher than any of the three enzyme-combinations. The accumulation of xylose was 
higher in RAX and OSX than in WAX. However, more arabinose was released from WAX 
and RAX compared to OSX. The differences in xylose and arabinose levels in the end 
products are likely due to the differences in the composition of the two sugars in the three 
different substrates, with WAX and RAX containing more arabinose than OSX [178].  
The forgoing results were determined for end point assays (14 hours incubations); 
therefore, we examined the end products from shorter incubations, i.e. 30 mins, to gain 
insights into the hydrolytic steps of the various enzymes. The hydrolytic pattern of Xyn10C 
at 30 mins was not different from that of the incubation for 14 hours, although more end  
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Fig. 3.6. Overnight synergistic hydrolysis (14 hours) of xylan substrates by multiple 
endoxylanases with BiXyl43A and BiAgu67A towards WAX, RAX and OSX. The 
synergistic effect of the xylanases with the two putative accessory enzymes (BiXyl43A 
and BiAgu67A) were investigated by incubating  BiXyl43A and BiAgu67A with each 
endoxylanase together at 37 °C for 14 hours, the synergistic hydrolysis experiments of all 
seven enzymes were performed as well. The final concentration for each enzyme was 
0.5 μM, the final hydrolysis products were identified and quantified by HPLC, Arabinose 
(A1), xylose (X1) and xylo-oligosaccharides (X2 to X6) were mixed and analyzed by 
HPLC to serve as standards for the assignment of the released products. Calibration 
curves were constructed with known concentrations of A1 and X1-X6. The concentrations 
of each sugar were calculated by fitting the peak area into calibration curve. 
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Fig. 3.7. Single endoxylanases (30-min) hydrolysis of xylan substrates. The final 
concentration for each enzyme was 0.5 μM, the final hydrolysis products were identified 
and quantified by HPLC, Arabinose (A1), xylose (X1) and xylo-oligosaccharides (X2 to 
X6) were mixed and analyzed by HPLC to serve as standards for the assignment of the 
released products. Calibration curves were constructed with known concentrations of A1 
and X1-X6. The concentrations of each sugar were calculated by fitting the peak area into 
calibration curve. (A) 30-min hydrolysis of xylan substrates (WAX, RAX and OSX) by the 
five putative endoxylanases.  
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Fig. 3.8. Synergistic hydrolysis (30-min) of xylan substrates by multiple 
endoxylanases with BiXyl43A and BiAgu67A towards WAX, RAX and OSX. The final 
concentration for each enzyme was 0.5 μM, the final hydrolysis products were identified 
and quantified by HPLC, Arabinose (A1), xylose (X1) and xylo-oligosaccharides (X2 to 
X6) were mixed and analyzed by HPLC to serve as standards for the assignment of the 
released products. Calibration curves were constructed with known concentrations of A1 
and X1-X6. The concentrations of each sugar were calculated by fitting the peak area into 
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calibration curve. 30-min synergistic hydrolysis of xylan substrates of multiple 
endoxylanases with BiXyl43A and BiAgu67A towards WAX, RAX and OSX. 
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products were present in the longer incubation (Fig. 3.7). It was also clear that Xyn8A 
produces longer chains at the shorter incubation time and these are then likely converted 
to smaller products with longer incubations. The Xyn5A and the Xyn10A end products did 
not show different patterns at 30 mins incubation compared with 14 hours of incubation, 
the only difference seen being more end products accumulating in the longer incubations. 
For the GH10/Ara43A, in both WAX and OSX, large amounts of xylotriose were seen in 
the shorter incubations (Fig. 3.7).  We also examined the hydrolysis of the different xylans 
with the endoxylanase/accessory enzyme mixtures for only 30 mins (Fig. 3.8). Here also, 
there were no differences in the pattern of end products in all mixtures, other than the 
amounts of end products being lower than those observed for the 14 hour-incubations. 
Interestingly, the mixture of Xyn10B/Ara43A with the accessory enzymes on WAX at 30 
mins incubation showed accumulation of xylobiose and xylotriose, which were not present 
in the same mixture incubated for 14 hours (Fig 3.6 and Fig. 3.8). 
Discussion 
The diverse endoxylanases in the genome of B. intestinalis alludes to the 
importance of xylans as nutrients to the life style of this bacterium, and the up-regulation 
of the diverse enzymes underscores the complexity of the xylans or nutrients that flow 
into the colon of the human host. The GH10 polypeptides with CBM insertions are widely 
distributed in the phylum Bacteroidetes, suggesting its importance in energy capture in 
this group of bacteria. It has been shown that the CBM insertions enhance the activity of 
BiXyn10A [25], and this is likely a strategy used by the Bacteroidetes to enhance 
efficiency in energy capture as this type of enzyme is also found in xylanolytic Prevotella 
spp originating from the cow rumen. In the transcriptional analysis of two different 
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Bacteroides spp. (B. intestinalis and B. ovatus) and in Prevotella bryantii, a member of 
the phylum Bacteroidetes from the cow rumen, grown on a xylan polysaccharide relative 
to a simple sugar, the most highly up-regulated gene in each case encoded a GH10 with 
CBM insertion [25, 176]. Fascinatingly, aside from this unique enzyme, some xylan 
degrading Bacteroides spp. also have a potent bi-functional enzyme that is composed of 
a GH10 endoxylanase linked to a GH43 module. The GH43 catalytic module in this 
polypeptide is annotated as a β-xylosidase in the Genbank (Accession number: 
EDV05059.1), which based on bioinformatics is plausible since some members of this 
family function as β-xylosidases. However, based on our biochemical analysis, the GH43 
in the GH10/GH43 polypeptide in B. intestinalis encodes an arabinofuranosidase. Thus, 
this embedded arabinofuranosidase cleaves the arabinose side chains that are commonly 
found to decorate the xylose backbone of different xylans, especially arabinoxylans. 
Removal of the side-chains by an arabinofuranosidase then allows accessibility and 
efficient hydrolysis of the β-1,4-linked xylose backbone. In fact, the importance of these 
enzymes are underscored by B. intestinalis having two homologs each of the GH10 with 
the CBM insertions and the GH10/Ara43 encoding genes on its genome. Furthermore, 
our observations strengthen the need for biochemical and functional studies of the gene 
products derived from the large sequence data or genes emanating from studies on the 
human microbiome. 
It was surprising that the optimum temperatures of the xylan degrading enzymes 
encoded by the genes in the cluster analyzed in the present study are quite different from 
the body temperature of the host. However, the human colon, which is the natural habitat 
of the colonic Bacteroidetes, such as B. intestinalis, functions as a fermenter or bioreactor 
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that experiences high temperatures due to the fermentation process. Thus, the 
temperatures within which these enzymes function may not necessarily match the host 
average body temperature, but rather a range of temperatures.  
Our specific activity assays revealed that the five endoxylanases exhibited less 
hydrolytic activity on the insoluble substrate (OSX). Among the three xylan substrates, 
the best substrate for Xyn10B/Ara43A and Xyn8A was WAX, while Xyn10C, Xyn5A, and 
Xyn10A exhibited the highest activities on RAX. Besides the three xylans tested in the 
present study, there are several other human diets containing xylans, such as those 
derived from barley, rice, corn and sorghum. Therefore, the five endoxylanases should 
have different cleavage profiles and specific activities towards these substrates. The 
differences will facilitate efficient capture and utilization of nutrients from the different 
cereal sources to B. intestinalis in the human GIT, with subsequent nutritional and health 
impact on the human host. Recently, it was reported that B. thetaiotaomicron can 
simultaneously respond to multiple glycans and modify its metabolic responses (change 
the expression level of some glycan utilization genes) relative to glycan catabolism in 
dynamic glycan environments. Thus, similar to B. thetaiotaomicron, B. intestinalis and 
other Bacteroidetes likely exhibit a metabolic hierarchy dependent on the complexity of 
the glycan [179, 180]. Analysis of the extensive xylan degradation system expressed by 
B. ovatus, which is highly similar to the XUS in B. intestinalis, has shown that B. ovatus 
harbors an extensive range of xylanolytic enzymes, capable of deconstructing different 
forms of xylan polysaccharide [138]. Thus, the strategy of these colonic xylanolytic 
Bacteroidetes may be highly conserved as proposed by Dodd and co-workers [123]. 
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The 14-hour incubation experiments were all end point assays, and therefore it 
was likely that the initial hydrolysis patterns ascribed to the endoxylanases were different, 
i.e., perhaps longer oligosaccharides were initially produced and further attacked by the 
enzymes to yield the type of end product patterns seen after the 14 hour-incubations. The 
shorter incubations of the enzymes with the substrates, in general, suggested that the 
hydrolytic patterns were not different between the shorter and longer incubations, with the 
only difference being that more end products accumulated at longer incubations. The 
synergistic activity of the Xyl43A and the Agu67A suggested that in the presence of 
complex xylans, such as WAX, RAX, and OSX, once the endoxylanases attack the xylan 
backbone to release oligosaccharides decorated with methyl-glucuronic acid, the Agu67A 
can cleave the side chains and thus expose the β-1,4 linked xylose chain for hydrolysis 
into xylose. Based on the modular organizations of the polypeptides; however, it is likely 
that the secreted enzymes, i.e., the endoxylanases and the Agu67A act on the xylan first, 
and their end products of undecorated xylooligosaccharides are transported into the cells. 
The Xyl43A, an intracellularly located enzyme, then acts on the xylooligosaccharides by 
cleaving them to xylose for fermentation through the pentose phosphate pathway.  
When treated with the enzyme mixture consisting of the Xyn10B/Ara43A, the 
Xyl43A and the Agu67A, a large amount of arabinose and larger amounts of xylose were 
released compared to other enzyme mixtures in the present study. This observation 
indicated that the GH43 module confers arabinofuranosidase activity to the polypeptide, 
which enhanced the synergistic effect by cleaving the arabinofuranosyl side-chains from 
the xylose backbone, thus exposing the xylose-linked backbone to the endoxylanase. 
More arabinose released from WAX and RAX compared to OSX can be attributed to the 
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higher arabinose content in arabinoxylan. In either the 30-min or 14-hours synergistic 
hydrolysis of xylan substrates, the predominant end products were monomers. This 
suggested that Xyl43A was efficient in the degradation of xylo-oligosaccharides and that 
the xylo-oligosaccharides were rapidly hydrolyzed after they were released. Therefore, 
very little to no xylo-oligosaccharides accumulated in the final hydrolytic products. As 
stated above, since a signal peptide is absent in Xyl43A, we predict that in the process of 
utilization of xylan substrates, the enzymes that initially attack the xylan substrates are 
secreted outside of the cytoplasm to degrade the complex xylans into small undecorated 
xylo-oligosaccharides. The oligosaccharides are then transported into the cytoplasm and 
further hydrolyzed by the Xyl43A into xylose for metabolism and generation of energy and 
building blocks for the bacterium. Simultaneously, short chain fatty acids are produced by 
the bacterium as waste products but serve as nutrients for colonic epithelial cells [106].  
          The combination of host factors, diet and gut microbial communities 
generate a complex environment that shape the niche of microorganisms within the 
community and for that matter the human gut microbiome. Human cereal diets, such as 
wheat, oat, and rye, provide a source of xylan for degradation by colonic microbial 
inhabitants. The vast arsenal of xylan targeting genes in the human colonic Bacteroides 
genus, including B. intestinalis, B. ovatus, B. eggerthii, and B. cellulosilyticus, points to 
an important niche within the human gut. This niche is related to a healthy diet rich in 
dietary fibers, especially xylans, a nutrient obviously unavailable to the human host. 
Attack and degradation of these polysaccharides yield both monosaccharides and 
oligosaccharides that are easily transported into the Bacteroides cytoplasm and most 
likely also utilized by colonic microbiome members that practice cross-feeding, but lack 
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the key depolymerization enzymes. Recent reports suggest that the human colonic 
microbiome harbors microorganisms capable of degrading cellulose through a 
cellulosomal machinery [181, 182]. While the widespread distribution of microorganisms 
occupying the niche of energy capture from cellulose and its significance in the human 
colon still need investigations [183], the results reported in the present study and others 
reported earlier [25, 122, 123, 141, 176, 177, 184] point to the significance of 
xylan/arabinoxylan degradation and utilization by the human colonic microbiome. 
Undoubtedly, the microbial degraders of recalcitrant polysaccharides constitute a 
vanguard that makes large amounts of energy available for capture and habitation in the 
human colon. Since the ability to capture energy is a primary requirement for colonization 
of an environment by a microbial community, our understanding of the interrelationships 
existing in the diverse members of the human colonic microbiome community and the 
ability to manipulate them will depend, in part, on a clearer understanding of this process 
and xylan/arabinoxylan utilization is an important component. 
Materials and Methods 
Bacterial strains and materials. B. intestinalis DSM 17393 [140] was obtained 
from the Deutsche Sammlung von Mikroorganismen und Zellkulturen or German 
Collection of Microorganisms and cell Cultures (DSMZ, Braunschweig, Germany). The 
NEB Turbo chemical competent Escherichia coli cells and Q5 High-Fidelity 2X Master 
Mix (used for PCR) were purchased from New England Biolabs (Ipswich, MA). The E. coli 
BL21-CodonPlus(DE3) RIL competent cells were obtained from Agilent (Santa Clara, 
CA). The pET-46 Ek/LIC vector was purchased from Novagen (San Diego, CA). The 
QIAprep Spin Miniprep kit was obtained from Qiagen, Inc. (Valencia, CA), and the Talon 
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Metal Affinity resin was obtained from Clontech Laboratories, Inc. (Mountain View, CA). 
Amicon Ultra-15 centrifugal filter units with 10 kDa, 30 kDa, and 50 kDa molecular mass 
cutoffs (MMCOs) were obtained from Millipore (Billerica, MA). Soluble wheat arabinoxylan 
with medium viscosity (WAX), rye arabinoxylan (RAX) and xylo-oligosaccharides were 
obtained from Megazyme (Bray, Ireland), and oat spelt xylan (OSX) was purchased from 
Sigma-Aldrich (St. Louis, MO). 
Gene cloning, expression, and protein purification. The Rapid Annotation 
using Subsystem Technology (RAST) server (http://rast.nmpdr.org/) [185] was used in 
analyzing the B. intestinalis genome sequence. Signal peptides and lipoprotein signal 
sequences were predicted using SignalP v4.1 (http://www.cbs.dtu.dk/services/SignalP/) 
[186] and LipoP v1.0 (http://www.cbs.dtu.dk/services/LipoP/) [187], respectively. Each of 
the genes encoding the five endoxylanases (BACINT_04197, BACINT_04202, 
BACINT_04210, BACINT_04213 and BACINT_04215) and two accessory enzymes 
(BACINT_04203 and BACINT_04205) was amplified from B. intestinalis DSM 17393 
genomic DNA via PCR using NEB Q5 High-Fidelity 2X Master Mix. The PCR primers 
used for amplifying the genes are listed in Table 3.2. The PCR products were purified and 
cloned into the pET-46 Ek/LIC vector according to the protocols described by the 
manufacturer (Stratagene). The ligated products were transformed into NEB Turbo 
competent E. coli cells, and the transformants were plated on lysogeny broth (LB) agar 
plates supplemented with 100 μg/mL ampicillin. The recombinant plasmids harboring the 
right inserts were confirmed by DNA sequencing (W. M. Keck Center for Comparative 
and Functional Genomics, University of Illinois). For gene expression, the recombinant  
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Table 3.3. Primer sequences used in this study. 
Gene 
name 
Direction Nucleotide sequence (5’→3’) 
BiXyn10C 
Forward GACGACGACAAGTGCGAGGATAATAAGATGGAATGGGGTAC 
Reverse GAGGAGAAGCCCGGTTATTGATCAGCGGGAGTTTCTTCCTC 
BiXyn10B/
Ara43A 
Forward GACGACGACAAGGCAGACCCGACTCTAAAAGATATTCTC 
Reverse GAGGAGAAGCCCGGTTAATTCGTATAGTTTCCTGTGGCAT 
BiXyn8A 
Forward GACGACGACAAGCATCCTGTTCAGGAAGACAGTAGTGGG 
Reverse GAGGAGAAGCCCGGCTACTTGATAATCCGGAAATTGCC 
BiXyn5A 
Forward GACGACGACAAGGACGAGACTATTCCTGAGCAGCCG 
Reverse GAGGAGAAGCCCGGTTAATTTGCTAAGGAGACATTAGCTAT 
BiXyn10A 
Forward GACGACGACAAGGTGGACGACAAACCGTTGGCATTCGAAG 
Reverse GAGGAGAAGCCCGGTTATTTTCCAGCCAATCCATCAGCAAAAC 
BiXyl43A 
Forward GACGACGACAAGATGAAGAAAGAAAAAAGATACTTGGTACCCGGAGAT 
Reverse GAGGAGAAGCCCGGTTAATCCAGTCCTTCAATGGTGACGATCT 
BiAgu67A 
Forward GACGACGACAAG GAAGACGGCAGCCGCTTG 
Reverse GAGGAGAAGCCCGGTTATCTTCTTTCATTCAGCATTTTG 
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plasmids containing the individual genes were introduced into E. coli BL21-
CodonPlus(DE3) RIL competent cells by heat shock transformation and cultured 
overnight on LB agar plates supplemented with ampicillin (100 μg/mL) and 
chloramphenicol (50 μg/mL) at 37 °C. After 14 hours, individual colonies containing 
different genes were picked and inoculated into 10 mL fresh LB medium containing the 
same concentrations of ampicillin and chloramphenicol and incubated at 37 °C with 
vigorous shaking (250 rpm) for 6 hours. Each 10 mL culture was then transferred into a 
1 liter LB medium in a 2.8 liter Fernbach flask and culturing continued at 37 °C until the 
optical density at 600 nm (OD600) reached 0.6. The gene expression inducer isopropyl -
D-thio-galactopyranoside (IPTG) was added to the culture at a final concentration of 0.1 
mM to induce recombinant gene expression. The culturing was continued for 16 hours at 
a temperature of 16 °C with shaking at a speed of 200 rpm. The cells were harvested by 
centrifugation and resuspended in ice-cold lysis buffer (pH 7.9, 50 mM Tris-HCl, 300 mM 
NaCl) and ruptured by passage through an EmulsiFlex C-3 cell homogenizer (Avestin, 
Ottawa, Ontario, Canada). Each clarified supernatant, containing the cell contents, was 
obtained after centrifugation at 12,857 x g for 30 mins at 4 °C and applied to a Talon 
cobalt resin already equilibrated with an equilibration buffer (pH 7.5, 50 mM Tris-HCl, 300 
mM NaCl) according to the protocol of the manufacturer. The proteins bound to the cobalt-
charged resin were eluted with an elution buffer (pH 7.5, 50 mM Tris-HCl, 300 mM NaCl, 
250 mM imidazole). The collected fractions were pooled, concentrated into a final volume 
of 2 mL and centrifuged at 25,000 x g for 5 mins to precipitate any denatured proteins. 
The recombinant proteins were further purified by size exclusion chromatography. For 
BiXyn10C, BiXyn10B/Ara43A and BiXyn10A, this step of purification involved an 
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AKTAxpress fast protein liquid chromatography (FPLC) system equipped with a HiLoad 
16/60 Superdex 200 column (GE Healthcare, Piscataway, NJ).  The chromatography was 
developed with a buffer composed of 50 mM Tris-HCl, 150 mM NaCl, pH of 7.5. The 
proteins designated BiXyl43A, BiAgu67A, BiXyn8A and BiXyn5A were purified by the 
same method with the same buffer except for the column which was a HiLoad 16/60 
Superdex 75 column. The protein concentrations of eluted fractions were determined by 
absorbance spectroscopy at 280 nm using a NanoDrop 1000 instrument (Thermo 
Scientific, Waltham, MA) with extinction coefficients of 168,485 M1 cm1, 180,570 M1 
cm1, 117,940 M1 cm1, 137,420 M1 cm1, 144,535 M1 cm1, 78,395 M1 cm1, and 
166,200 M1 cm1 for BiXyn10C, BiXyn10B/Ara43A, BiXyn8A, BiXyn5A, BiXyn10A, 
BiXyl43A, and BiAgu67A, respectively. Samples from eluted fractions were analyzed by 
12% sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE) according 
to the method of Laemmli [161], and protein bands were visualized by staining with 
Coomassie brilliant blue G-250. The highly purified protein fractions were used for the 
biochemical assays. 
Determination of optimal pH and temperature†. The following buffers were used 
in the determination of the optimum pH of the B. intestinalis xylan-degrading enzymes: 
50 mM sodium citrate, 150 mM NaCl (pH 4.0 to 6.0), 50 mM sodium phosphate, 150 mM 
NaCl (pH 6.0 to 7.5) and 50 mM Tris, 150 mM NaCl (pH 7.5 to 8.5). The five 
endoxylanases were incubated individually with 5 mg/mL WAX at different final enzyme 
concentrations (100 nM, 10 nM, 20 nM, 10 nM, 10 nM for BiXyn10C, BiXyn10B/Ara43A,  
 
†: Experiments performed and analyzed by Wang, K. and Pereira, G.V.  
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BiXyn8A, BiXyn5A, and BiXyn10A, respectively) at 37 °C. The reducing sugars released 
were measured with the para-hydroxybenzoic acid hydrazide (pHBAH) method [162] and 
a standard curve was derived using a series of concentrations of xylose. The optimum 
temperatures were determined by incubating each enzyme at the final concentrations 
mentioned above with 10 mg/mL WAX in the buffer in which optimal pH for activity was 
detected. The temperature range used was 25-60 °C, with an interval of 5 °C and the test 
for reducing ends, based on the pHBAH method, was the assay used for enzymatic 
activity. For BiXyl43A, the optimal pH and temperature were determined by incubating 
the purified enzyme (a final concentration of 100 nM) with xylobiose (1 mg/mL) in the 
series of buffer mentioned above at 37 °C for 10 mins in a total volume of 50 μl. Then the 
mixture was heated at 100 °C for 10 min. The increase in the amount of reducing sugar 
was determined by pHBAH assay. Similarly, the optimal temperature was determined in 
the optimal pH at a temperature ranging from 15 to 60 °C with an interval of 5 °C. 
Specific activities of multiple endoxylanases on xylan substrates†. To 
investigate the enzymatic activities of the five xylanases on polysaccharide substrates 
(WAX, RAX and OSX), the specific activity for each enzyme was determined individually 
at the optimal pH and temperature, with the final enzyme concentration indicated in 
parentheses: BiXyn10C (100 nM); BiXyn10B/Ara43A (10 nM); BiXyn8A (10 nM); BiXyn5A 
(20 nM); and BiXyn10A (100 nM), respectively. Fifty microliter aliquots were removed at 
regular time intervals (3, 6 and 9 mins) from the reaction mixtures, and the concentrations 
of reducing ends released with time were assayed using the pHBAH method with known 
xylose concentrations used in plotting a standard curve. 
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Hydrolysis of xylo-oligosaccharides by BiXyl43A†. The hydrolytic activity of 
BiXyl43A against xylo-oligosaccharides (xylobiose, X2; xylotriose, X3; xylotetraose, X4, 
xylopentaose; X5, and xylohexaose, X6) was assayed by incubating each substrate (2.5 
mg/mL, final concentration) with BiXyl43A (0.25 μM, final concentration) in a phosphate 
buffer (pH 6.5, 50 mM sodium phosphate, 150 mM NaCl) at 37 °C for 15 mins in a total 
volume of 50 μl. The enzyme was heat inactivated after the reaction, and 20 μl of each 
sample was diluted with distilled water to 400 μl and the end products of hydrolysis were 
analyzed by high-performance anion-exchange chromatography coupled with pulse 
amperometric detection (HPAEC-PAD) as described in our previous report [188]. 
Hydrolysis of alduronic acids†. The enzyme BiXyl43A or BiAgu67A (0.5 M, final 
concentration) was incubated with alduronic acids (1.2 mg/mL, final concentration) at 
37°C individually or together to investigate their potential for synergistic activity. The 
enzyme was inactivated by heating at 100 °C for 10 mins after 30 mins reaction. The 
reaction end products were further analyzed by HPAEC-PAD as described above. Xylose 
and xylo-oligosaccharides (X2 to X4) were analyzed as standards. Calibration curves of 
a series of concentrations of the monosaccharide and oligosaccharides were generated 
and the concentrations in the reaction mixtures were calculated. 
Hydrolysis of WAX, RAX and OSX†.  To analyze the hydrolytic end products of 
the five endoxylanases on xylan polysaccharide substrates (WAX, RAX and OSX), the 
enzymes (final concentration of 0.5 μM) were incubated with each substrate [0.5% (wt/v), 
final concentration] in citrate buffer (50 mM sodium citrate, 150 mM NaCl, pH 6.0) at 37°C 
for 30 mins and 14 hours. The synergistic activities of the xylanases with the two putative 
accessory enzymes (BiXyl43A and BiAgu67A) were also investigated. The accessory 
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enzymes were incubated with each endoxylanase at 37 °C individually or together. The 
final concentration of each enzyme was equivalent (0.5 μM). After 30 mins and 14 hours 
of incubation, the hydrolytic reactions were terminated by heat treatment at 100°C for 10 
mins.  The reducing sugar concentrations were determined using the pHBAH assay with 
xylose as the standard. The concentrations of the end products of hydrolysis were 
quantitatively analyzed by HPAEC-PAD, as described in our previous report [175]. 
Arabinose, xylose, and xylo-oligosaccharides (X2 to X6) were used as standards. The 
calibration curves were derived with known concentrations of arabinose, xylose, and xylo-
oligosaccharides (X2 to X6). 
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Appendix A: Media and solutions used in these studies. 
50X Vogel’s Salts – 1 Liter 
Components Amount 
Na3Citrate, 5½ H2O 150g 
KH2PO4, anhydrous 250g 
NH4NO3, anhydrous 100g 
MgSO4, 7H2O 10g 
CaCl2, 2H2O 5g 
Trace element solution 5mL 
Biotin 2.5mL 
Chloroform 2mL 
 
Trace Element Solution – 100mL 
Components Amount 
Citric acid, 1H2O  5g  
ZnSO4, 7H2O  5g 
Fe(NH4)2(SO4)2, 6H2O  1g 
CuSO4, 5H2O  0.25g 
MnSO4, 1H2O  0.05g 
H3BO3, anhydrous  0.05g 
Na2MoO4, 2H2O  0.05g 
Chloroform  1mL 
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Biotin Solution – 50mL 
Components Amount 
Biotin 5mg  
 
Minimal medium N. crassa – 600mL 
Components Amount 
50X Vogel’s  12mL 
Sucrose  12g 
For slants, add 9g of Agar 
BDES plates – 1 Liter 
Components Amount 
50X Vogel’s  20mL 
Agar  15g 
20X BDES  50mL 
Autoclave for 20 minutes and add 50mL of 20x BDES solution 
20X BDES Solution – 1 Liter 
Components Amount 
Sorbose  200g 
Sucrose  10g 
Fructose  10g 
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4X Westergaard’s Salts – 1 Liter 
Components Amount 
KNO3 4g 
KH2PO4 4g 
MgSO4.7H2O 4g 
NaCl 0.4g 
CaCl2 0.4g 
Biotin 2mg 
 
Expression medium N. crassa – 1 Liter 
Components Amount 
50X Vogel’s Salts  20mL 
Glycerol  10mL 
Sodium acetate  3.28g 
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Hutner’s Trace Elements 
Compound  Amount (g)  Water (mL) 
ZnSO4.7H2O  2.2  10 
H2BO3  1.1  20 
MnCl2.4H2O  0.51  5 
CoCl2.6H2O  0.16  5 
CuSO4.5H2O  0.16  5 
(NH4)6Mo7O24.4H2O  0.11  5 
FeSO4.7H2O  0.5  5 
EDTA disodium salt  5  25 
Mix every component, except EDTA, boil, add EDTA, pH to 6.5-6.8, and rest for two 
weeks. 
 
 
Trace element solution – 1 Liter 
Components Amount 
EDTA  10g 
ZnSO4·7H2O  4.4g 
MnCl2  1.01g 
CoCl2·6H2O  0.32g 
CuSO4·5H2O  0.315g 
(NH4)6Mo7O24·4H2O  0.22g 
CaCl2·2H2O  1.47g 
FeSO4·7H2O  1.0g 
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Minimal medium A. nidulans – 1 Liter 
Components Amount 
NaNO3  6.0g 
KCl  0.52g 
MgSO4.7H2O  0.52g 
KH2PO4  1.52g 
Glucose  10.0g 
Hutner’s trace elements  2.0mL 
 
 
 
Minimal medium + uracil, uridine, and pyridoxine (MM+UUP) – 1 Liter 
Components Amount 
NaNO3  6.0g 
KCl  0.52g 
MgSO4.7H2O  0.52g 
KH2PO4  1.52g 
Glucose  10.0g 
Hutner’s trace elements  2.0mL 
Uracil  2.5g 
Uridine  2.5g 
Pyridoxine  0.5mg  
Adjust pH before glucose to 6.5, for plates, add 15g of Agar 
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YG+UUP – 200mL 
Components Amount 
Yeast extract  1.0g 
Glucose  4.0g 
Uracil  0.5g 
Uridine  0.5g 
Pyridoxine  0.1mg/mL  
Trace Elements  80 ul 
 
 
Expression media A. nidulans 
Components Amount 
NaNO3  6.0g 
KCl  0.52g 
MgSO4.7H2O  0.52g 
KH2PO4  1.52g 
Maltose  20g 
Hutner’s trace elements  2.0mL 
Pyridoxine  0.5mg 
Adjust pH before maltose to 6.5, for plates 
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Protoplasting solution – 10mL 
Components   Amount 
KCl  0.82g 
Citric acid  0.21g 
Vinoflow FCE  1.28g 
 
Lysis Buffer 
100mM Tris-HCl, pH 9.0, 40mM EDTA 
Binding Buffer 
50mM Tris-HCl, 300mM NaCl, pH 7.5 
Elution Buffer 
50mM Tris-HCl, pH 7.5, 300 mM NaCl, 250 mM imidazole  
Iodoacetate (IIA) Slants 
Part 1 – 125mL: 
4X Westergaard’s Salts: 6.25mL 
Sucrose: 1.25mL 
Part 2 – 125mL 
Affymetrix Agar: 5g 
Autoclave and poor into slants, after cooled add 30μL of 0.1M Na Iodoacetate in each 
slant 
Extraction buffer A. nidulans 
50mM Tris-HCl, 10mM NaCl, 10mM EDTA, 2% SDS, pH8.5 
 
 
 
 
